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ABSTRACT

The interactions between purely hydrophobic molecules and lipid membranes are
integral to a number of biophysical problems such as the formation of lipid droplets
or the delivery of hydrophobic drugs by lipid nanoparticles. In order to better un-
derstand the fundamental behaviour of hydrophobic chains in lipid membranes, a
model system consisting of linear n-alkanes and different phospholipid bilayers is
investigated. n-Alkane lengths range from 10 to 30 carbons. Particular focus is
placed on the effect of chain length on mixing behaviour, molecular arrangement
and crystallizability of n-alkanes inside the membranes. Using a combination of
different solid-state nuclear magnetic resonance (NMR) techniques, molecular dy-
namics (MD) simulations, X-ray scattering, differential scanning calorimetry (DSC),
and cryogenic transmission electron microscopy (cryo-TEM), the model systems are

described with a high level of molecular detail.

Z'USAMMENFASSUNG

Die Wechselwirkungen zwischen hydrophoben Molekiilen und Zellmembranen spie-
len eine zentrale Rolle in verschiedenen biophysikalischen Prozessen, wie z.B. der
Bildung von Lipidtréopfen oder dem Transport von hydrophoben Wirkstoffen mit-
hilfe von Lipid-Nanopartikeln. Diese Arbeit untersucht das Verhalten langkettiger,
hydrophober Molekiile in Lipidmembranen anhand eines Modellsystems bestehend
aus linearen n-Alkanen und verschiedenen Phospholipiden. Die gewéhlten n-Alkane
haben Kettenldngen von 10 bis 30 Kohlenstoffatomen. Ein besonderes Augenmerk
liegt auf der Auswirkung von Kettenldnge auf das Mischungsverhalten, die moleku-
lare Struktur und die Kristallisation von n-Alkanen in Lipid-Doppelschichten. Durch
die Kombination verschiedener Methoden der Festkorper-Kernmagnetresonanzspek-
troskopie mit Molekulardynamik-Simulationen, Rontgenstreuung und Kalorimetrie

werden die untersuchten Systeme ausfithrlich charakterisiert.
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Chapter 1

Introduction

Long, purely hydrophobic molecules appear in a number of biologically relevant
contexts, such as the packaging of hydrophobic drugs by lipid nanoparticles [1-3]
or the formation of lipid droplets which is aided by triglycerides and other neutral
lipids [4-6]. In recent years, the interactions between synthetic polymers and cellular
membranes have received increasing attention. For many years now, plastic pollution
has been recognized as a global problem [7, 8]. Consequently, numerous studies
have been conducted to determine explicit effects of plastic ingestion on marine life,
showing that micro- and nano-plastic particles can indeed be found in many marine
organisms and may affect metabolism, behaviour and reproduction [9-14]. Most
plastic materials in use today contain hydrophobic polymers such as polyethylene,
polystyrene, or polycaprolactone. It stands to reason that these polymers may
enter the hydrophobic core of cellular membranes when ingested, in order to not be
dispersed in an aqueous environment. This hypothesis, as well as the widespread
use of polymers in drug delivery systems, has motivated a number of computational
studies aimed at characterizing the partition of purely hydrophobic molecules into
lipid membranes [15-19]. These and other [20, 21] studies have repeatedly shown
that different hydrophobic molecules accumulate inside the hydrophobic core of lipid

membranes.

Surprisingly, even though there is a large number of computational studies, exper-
imental evidence proving the accumulation of long, hydrophobic polymers in lipid
membranes is rare. In one study, squalane was found to enter the lipid membrane
core of DOPC/DOPG membranes [22]. More recently, Bochicchio et al. discussed
the effects of polystyrene 25-mers on DPPC membrane dynamics, thermal and me-
chanical properties using a combination of experimental techniques and computer
simulations [19]. In particular, they reported on the existence of a threshold con-
centration of PS above which phase separation occurs. The comparatively small

number of experimental studies may be partly related to the fact that it is challeng-



ing to mix long, purely hydrophobic chains with lipid membranes. In contrast to
amphiphilic or polyphilic molecules, hydrophobic molecules often induce pore forma-
tion in the membranes, or they phase separate [23]. Even linear n-alkanes, the most
(chemically) simple hydrophobic chains, are difficult to insert into lipid bilayers.
Previous studies by Pope et al. [24, 25] suggest that n-alkanes longer than approxi-
mately 18 carbons do not mix with bilayers consisting of 1,2-dimiristoyl-sn-glycero-
3-phosphatidylcholine (DMPC) or 1,2-dipalmitoyl-sn-glycero-3-phosphatidylcholine
(DPPC). They did however observe a certain chain-length dependence, i.e. longer n-
alkanes could be incorporated to larger amounts when the lipid acyl tail length was
increased to 18 carbons (1,2-distearoyl-sn-glycero-3-phosphatidylcholine, DSPC).
Moreover, Pope et al. compared the amounts of n-alkane that could be incorpo-
rated for different alkane lengths in terms of mole fraction. It is likely that the
miscibility of n-alkanes with lipid membranes is limited by alkane volume fraction
relative to the volume of the hydrophobic membrane region instead. However, to this
date, no systematic studies investigating the mixing behaviour of longer n-alkanes
with lipid membranes have been conducted. It might be expected that such studies
would show similar results to nematic solvents diluted with flexible chains (including
n-alkanes): In those mixtures, phase separation into nematic and isotropic phases
has been observed, and the concentration of the flexible chains in the nematic phase
decreased with chain length [26-28].

Successfully performing a systematic investigation of the miscibility of n-alkanes
with different chain lengths inside various lipid bilayers would be extremely ben-
eficial: If longer n-alkanes can be shown to mix with the lipid membranes, these
mixtures will present a perfect model system for studying the molecular arrange-
ment of other long, hydrophobic molecules in lipid membranes. In this way, one can
obtain new, valuable information regarding the interactions between hydrophobic
molecules and cellular membranes, advancing the understanding of e.g. lipid-droplet

formation.

Furthermore, if longer hydrophobic molecules can indeed be incorporated into the
hydrophobic region of a lipid membrane, it is of interest to determine whether those
molecules can crystallize inside the lipid membrane environment (without being ex-
pelled). On one hand, the characterization of polymer crystallization in different
confinement geometries has been the goal of material scientists for many years [29—
32]. The 1-dimensional confinement realized by lipid bilayers is substantially dif-
ferent from the confinement of polymer melts (or solutions) in thin films, micelles,
or block-copolymer geometries (where, in the latter case, the crystallizing molecules
are anchored to at least one interface). Instead, the lipid membrane resembles a
2-dimensional, anisotropic solution featuring a gradient of molecular order. Thus,
studying the crystallization of hydrophobic chains inside lipid bilayers is interesting

from a fundamental point of view, and may pave the way for the design of new



lipid-based materials. On the other hand, crystallization inside a membrane en-
vironment is highly relevant from a biophysical perspective. Various drugs show
crystal polymorphism and the crystal properties are often related to the stability
and performance of a drug [33]. Moreover, such drugs can potentially crystallize
inside their carrier nanoparticles [33-35] or in a biological environment [36]. Natu-
rally, in order to properly control crystallization behaviour in a lipid environment, it
is essential to understand it in detail. However, currently we still lack understand-
ing of allegedly simple systems such as the crystallization of n-alkanes in a lipid
bilayer. While the molecular arrangement of shorter n-alkane chains in lipid mem-
branes has been studied in great detail (see chapter 2.2.3), in all those studies only
n-alkanes in the liquid state were considered. In fact, to the best of my knowledge,
no studies addressing the crystallizability of hydrophobic, chain-like molecules in
a lipid bilayer environment exist. Answering the fundamental question of whether
hydrophobic chains can crystallize inside lipid membranes will not only further the
understanding of drug crystallization in lipid /polymer nanoparticles, but may also
help to identify the role of triglycerides in lipid-droplet formation, or assess the effect

of crystalline nanoplastic particles on cell membranes.

1.1 Scope of the thesis

This thesis aims to fill current gaps in our understanding of the interactions be-
tween hydrophobic molecules and lipid membranes via the characterization of a
model system: linear n-alkanes in phospholipid bilayers. In particular, the miscibil-
ity, molecular arrangement and crystallizability of n-alkanes inside lipid membranes
are studied as a function of hydrophobic chain length. In order to achieve a high level
of molecular detail, this thesis combines different solid-state nuclear magnetic res-
onance (NMR) techniques with molecular dynamics (MD) simulations. Additional
experimental techniques such as x-ray scattering, differential scanning calorimetry
(DSC) or cryogenic transmission electron microscopy (cryo-TEM) are employed to

answer specific questions.

Three linear alkanes of different chain length are studied, namely n-decane (C10), n-
eicosane (C20) and n-triacontane (C30), with chain lengths of 10, 20 and 30 carbons,
respectively. First, the miscibility of these n-alkanes with bilayers consisting of either
DMPC or DPPC is investigated. The results are presented in paper I [37]. Thereby,
the relevance of the chain length of both alkanes and lipids is studied systematically.
In addition, the effect of sample hydration on the miscibility and molecular structure
of the mixtures is highlighted. MD simulations proved to be a valuable tool to help
interpret the experimental results, however some discrepancies between experimental

and simulated order parameters were observed. Thus, in paper II [38], the potential
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of two different MD force fields, CHARMM36 and Slipids, to model longer n-alkanes
was examined. In this context it was also tested if MD simulations performed for a
range of n-alkane concentrations can result in an even better understanding of the
miscibility of n-alkanes and lipids, and reveal features which might be obscured by

sample preparation difficulties in experiments.

Finally, paper III [39] explores if n-eicosane and n-triacontane can crystallize in-
side different phospholipid membranes. In addition to DMPC and DPPC, this
investigation also includes unsaturated phospholipids, namely 1-palmitoyl-2-oleoyl-
sn-glycero-3-phosphocholine (POPC) and 1,2-dioleoyl-sn-glycero-3-phosphocholine
(DOPC). Again, the effect of hydrocarbon chain length and acyl tail composition
on n-alkane crystallizability is determined. Then, the crystallization process of C30
in DMPC membranes is examined in detail, comparing temperature dependence,

phase sequence and crystallization kinetics to bulk C30.

In summary, this thesis provides an unprecedented characterization of the molecu-
lar structure and crystallization of long n-alkanes (C20 and C30) in phospholipid

membranes.



Chapter 2
Scientific background

This chapter aims to provide a detailed overview of the physical concepts discussed in
this thesis. In order to appreciate the effects of foreign molecules on lipid membranes,
it is essential to first review the structural features and properties of common lipid
assemblies. Subsequently, the phase behaviour of linear alkanes will be discussed,
before turning towards alkane crystallization both in bulk and under confinement.
Experimental techniques used to study lipid/alkane systems will be summarized in
chapter 3, and principles of molecular dynamics (MD) simulations are described in

chapter 4.

2.1 Phospholipids

Biological membranes contain numerous components such as proteins, sterols, and
various types of lipids. Phospholipids in particular are a major building block of the
lipid membranes surrounding cells and cell compartments, and are thus frequently
used to model cellular membranes. They uphold the bilayer structure of cell mem-
branes and are also important for protein function and energy metabolism [6, 40—
45]. The molecular structure of a common diacyl-glycerophospholipid, 1-palmitoyl-
2-oleoyl-sn-glycero-3-phosphocholine (POPC) is shown in Figure 2.1. This type of
lipid consist of a so-called headgroup which is connected to two acyl tails via a
glycerol backbone. Many phospholipids found in the cell membranes of humans,
animals and plants are such diacyl-glycerophospholipids, including phosphatidyl-
cholines (PC), -ethanolamines (PE), -serines (PS), -glycerols (PG) or -inositols
(PI) [46, 47], which differ in the nature of their headgroups. PC and PE in par-
ticular make up a large part of the lipid pool of eukaryotic cell membranes, but
specialized membranes may contain significant amounts of other phospholipids. For
example, up to about 20 % of phospholipids of the inner mitochondrial membrane

are cardiolipins [48], which contains two phosphate groups and a total of four acyl
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Figure 2.1: Chemical structure of diacyl-glycerophospholipids. These lipids consist of a
headgroup containing the phosphate group, a glycerol backbone, and two acyl tails shown
here for the lipid POPC. Carbon labels as used in this thesis are added in gray. The
headgroup structures of PE, PS, PG and PI lipids are included below, where the label R
shows the connection to glycerol backbone and acyl tails.

tails.

In addition to distinct headgroups, the structure of the lipid acyl tails also varies
across different phospholipid species: Acyl tail lengths usually vary between 16 and
20 carbons (though shorter and longer chains can also be found), and the tails may
contain multiple double bonds. In some cases, such as for POPC, phospholipids may
also have asymmetric acyl tails, i.e. the two tails have different lengths and degrees
of saturation. The nature of both the lipid headgroup and tails has remarkable
effects on the structure and phase behaviour of phospholipid assemblies, as will be

discussed in the following sections.

2.1.1 Lipid self-assembly

Phospholipids are amphiphilic molecules, meaning they consist of both a hydropho-
bic and a hydrophilic moiety — i.e. the hydrocarbon tails and headgroup, respec-
tively. Therefore, in an aqueous environment, phospholipids self-assemble to form
various structures such as micelles and vesicles. The self-assembly process is thereby
governed by thermodynamics, i.e. interaction free energies, which depend on the
lipid geometry as formulated and summarized in detail by Israelachvili et al. [49,
51, 52|. While entropy generally favours assemblies consisting of as few as possi-
ble lipid molecules, different opposing forces act between lipids, and between lipid
and water molecules, permitting the formation of aggregates [51, 53|: On one hand,
attractive hydrophobic forces favour a close packing of the lipid acyl tails. On the
other hand, repulsive forces such as electrostatic and steric repulsion, or hydration
forces, favor a certain separation of individual molecules. These repulsive forces are
particularly relevant for phospholipids with non-zero headgroup charges, and can be

modified further by the addition of ions to the solvent. Israelachvili et al. showed
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Figure 2.2: Lipid phases. a) Relation between the packing parameter and self-assembled
lipid structures. This thesis focuses on bilayer phases (box). b) Qualitative phase dia-
gram showing the lyotropic phases of DPPC (at ambient pressure). Figure adapted from
references [49] and [50].

that these opposing forces result in a minimum of the interaction free energy at a
certain optimal headgroup area ag, which is dependent on the strength of the indi-
vidual forces [49]. By combining ay with lipid-specific geometrical constraints, i.e.
hydrocarbon chain volume V' and maximum length /., they define a so-called pack-
ing parameter V/(apl.). This packing parameter predicts whether the amphiphilic
molecules will form spherical or cylindrical micelles, vesicles, or extended bilayers
as shown in Figure 2.2a. However, extended bilayers have energetically unfavor-
able edges and, if V/(agl.) is only very slightly different from 1.0, high line tensions
and spontaneous curvature force these bilayers to form large vesicles instead [49,
54]. Compared to surfactants with a single acyl tail, diacyl-phospholipids have
a large hydrophobic volume and usually cannot form micelles. Instead, in water
these lipids generally assemble into vesicles [49, 51, 52|, or so-called multi-lamellar
vesicles (MLVs), depending on the sample preparation method [55]. MLVs feature
multiple spherical lipid bilayers and can reach up to 20 um in diameter [56|. On
the other hand, uni-lamellar vesicles are classified into small uni-lamellar vesicles
(SUVs, <100 nm in diameter), large uni-lamellar vesicles (LUVs, 100 nm-1 gm) and
giant uni-lamellar vesicles (GUVs, >1 pum) [56, 57]. It has been discussed that MLVs
have a lower free energy than uni-lamellar vesicles [55], which would explain why
phospholipids form SUVs only upon sonication [58].

The considerations that were presented in this section are valid for fluid hydrocar-
bon tails. For a complete picture, the next section discusses effects of hydration and

temperature on acyl tail structure in PC lipid bilayers.
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2.1.2 Lyotropic phases of PC lipids

Self-assembled phospholipid bilayers in water exhibit lyotropic mesomorphism, that
is to say they adopt distinct phases as a function of both temperature and hydration.
At atmospheric pressure, PC lipids form bilayer phases [46, 50], although a number
of other phases have been observed in the very low hydration regime [59, 60]. Since
bilayer phases are highly relevant for cellular membranes, those phases present the
main focus of this thesis. As an example, the qualitative phase diagram of 1,2-
dipalmitoyl-sn-glycero-3-phosphatidylcholine (DPPC) is sketched in Figure 2.2b [50,
60]. DPPC contains two 16-carbon long, saturated acyl tails and exhibits a phase
behaviour that is representative for such lipids [59, 61]. The relevant lyotropic
phases are commonly referred to as (hydrated) crystalline phase (L.), gel phase (Lg,
Lg), rippled phase (Pg/) and liquid-crystalline phase (L, ). Increasing the amount of
water in lamellar phases results in an increased separation of the individual bilayers.
A limit to this swelling process is reached at a certain water concentration, e.g. at
27 water molecules per DPPC lipid in the L, phase [61]. Higher hydration levels

are commonly referred to as the excess-water limit.

The crystalline phase is sometimes referred to as the sub-gel phase and is character-
ized by extended, frozen hydrocarbon chains [62-64]. Upon increasing temperature,
a transition into the so-called gel-phase is observed [65]. In the gel phase, positional
long-range order is retained; the hydrocarbon tails are extended and arranged on
a (distorted) hexagonal lattice [59, 61, 66]. However, they are now able to rotate
around their long axis [59]. One distinguishes two types of gel-phases, the Lz and
Lg phases. For DPPC and other PC lipids with saturated acyl tails of equal length,
only the Lg phase appears. In contrast to the Lg phase, the Lg phase exhibits a
chain tilt, i.e. the hydrocarbon chains are tilted away from the bilayer normal by
about 30-35° [59, 66, 67]. Smith et al. have noted that the Lg phase can in fact
be divided into three distinct phases, which vary in the direction of chain tilt [68].
The transition from the gel to the ripple phase is termed pretransition. The ripple
phase is named after the periodic ripples distorting the lamellar structure of the
Lg phase [59, 61, 66, 69]. The pretransition is only observed at water concentra-
tions above approx. 17-20 wt% [60, 61]. Finally, the highest-temperature transition
is the so-called main transition, which is associated with the melting of the lipid
acyl chains. In the L, phase, the lipid acyl tails are fluid-like and highly disor-
dered [59]. One often hears the term trans-gauche isomerization mentioned in this
context, referring to the fact that the dihedral angles in the acyl tails are able to
easily shift between the trans and gauche states (see chapter 4.1.1 and paper III for
details). In the case of DPPC, the main transition occurs between the Pg and the
L, phase. However, the main transition may also refer to the transition between

gel and liquid-crystalline phases in lipids or mixtures that do not form a rippled
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phase. The main transition temperatures 7}, of PC lipids generally increase with
acyl tail length, due to increased van-der-Waals interactions between longer acyl
tails [50, 70]. Similarly, unsaturation lowers the phase transition temperature since
double bonds induce kinks in the hydrocarbon chains, destabilizing the gel-phase.
Moreover, in unsaturated lipids the gel-phase is in fact the Lg phase, and the Pg

phase disappears.

Lipids with different headgroups or special tail structures may form non-bilayer
phases under certain conditions. The most well-known, and biologically relevant, ex-
ample of these are probably the (inverted) hexagonal phases formed by PE lipids [71-

74]. However, such phases are not discussed further in this thesis.

For completeness, it should be mentioned that phase separation can occur when
different lipid species are mixed [75, 76], and heterogeneity is an important feature
of biological membranes [77, 78]. Moreover, new phases can be formed in lipid mix-
tures when cholesterol is present [79-81]: Mixtures consisting of one phospholipid
species with saturated acyl tails, one with unsaturated tails, and cholesterol (e.g.
DPPC/DOPC/Cholesterol) form a cholesterol-rich, liquid-ordered phase (L,), and
show phase-coexistence at certain concentrations and temperatures. The L, phase
exhibits high (orientational) ordering reminiscent of gel phases, but long-range trans-

lational disorder characteristic of fluid phases [79].

2.1.3 The C-H bond order parameter

As mentioned in the previous section, hydrocarbon tails of lipids in the L, phase are
highly disordered. However, the degree of disorder depends on temperature [59, 82],
hydration [83], lipid composition [84], or the presence of other chemical species in
the membrane [85]. It has become common practice to evaluate the effects of such
perturbations by measuring C-H bond order parameters, Scy. The order parameter
of a given C-H bond in a lipid bilayer is defined as the time- and ensemble-averaged

orientation of this bond with respect to the lipid bilayer normal:
1 2
Scr = Sy = 5(3005 Omn — 1)

Here, the indices “m” and “n” refer to the axis of the C-H bond m, and the bilayer
normal n, respectively (see Figure 2.3a). Due to ensemble averaging, the order pa-
rameter can not provide any information on bond dynamics and is therefore a purely
structural quantity. Scy can be positive or negative, depending on the average angle
On. For the lipid acyl tails, the order parameter is usually negative since the C-H
bonds lie perpendicular to the bilayer normal [82, 86]. If the C-H bond undergoes

isotropic motion, Scy will average to zero.
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Figure 2.3: The C-H bond order parameter. a) Molecular orientations in lipid MLVs.
Segments of MLVs can often be treated as separate bilayer stacks defined by a common
director d. If bilayer undulations are present, the bilayer normal n is tilted with respect to
d. The relevant angle for calculating the Scy is @, between n and the C-H bond vector
m. b) Absolute order parameters of liquid-crystalline DPPC, measured by different NMR
techniques. ?H NMR results (57°C) were taken from reference [82], and R-PDLF results
(60°C) from paper II. Carbon indices are defined in Figure 2.1.

Generally, effects of orientation and motion on the C-H bond order parameter can
not be disentangled easily. For example, a C-H bond with a fixed angle 0, =
54.74° would result in an order parameter of zero, but the same is true for a C-H
bond exhibiting isotropic reorientation. However, one can assume that the order
parameter is closer to zero if the C-H bond samples a wider range of angles 6.
Larger absolute values of Scy then indicate bonds that are restricted to a small
range of angles 0,,. This assumption helps to understand the order parameter
profile along a lipid molecule, depicted in Figure 2.3b: The glycerol backbone is
a relatively rigid group that is fixed at the interface between the hydrophilic and
hydrophobic regions of the bilayer. Due to the restricted mobility of these C-H
bonds, they have comparatively large (absolute) order parameters. The acyl tails
are connected to the glycerol backbone and extend straight into the bilayer center.
Therefore the C-H bonds on the first few carbons of the acyl tails are also highly
ordered. Only towards the end of the acyl tails does the ordering decrease [82]: The
free end of the lipid tail allows for more flexibility of the final carbon-carbon and
carbon-proton bonds. Since the orientation of a C-H bond is affected by the dihedral
rotations of all the C-C bonds connecting this C-H bond to the glycerol backbone,
trans-gauche isomerization can lead to notable re-orientations towards the end of

the acyl tail. This also explains why unsaturated tails are more disordered than
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fully saturated tails. C=C double bonds introduce “kinks” in the acyl chain which
reduce the packing efficiency of the tails and generate free volume for (other) tails
to fold into.

2.2 Linear alkanes (n-alkanes)

2.2.1 Thermotropic phases and crystallization

The thermotropic phase behaviour of linear alkanes is quite complex and strongly de-
pends on n-alkane length [87]. Still, certain similarities to the lipid phases described
in chapter 2.1.2 can be found. At low temperatures, n-alkanes shorter than approx.
150-200 carbons form crystals of extended hydrocarbon chains in all-trans configu-
ration. The exact crystal structure then depends on the number of alkane carbons
(nC) [87, 88]: Even-numbered n-alkanes crystallize in triclinic (nC < 26), monoclinic
(26 < nC < 36) or orthorhombic (nC = 38, 40, 44, 46, 50 or 60) structures, while
odd-numbered n-alkanes form orthorhombic crystals. One noteworthy feature of the
triclinic and monoclinic alkane crystals is that the all-trans chains are tilted with re-
spect to the methyl-group planes. For some n-alkanes, a number of solid-solid phase
transitions can be observed at low temperatures [87]. At higher temperatures, an
order-disorder transition takes place. In certain cases, this is a transition to a rota-
tor phase. Rotator phases are adopted by odd- and even-numbered n-alkanes longer
than 17 and 20 carbons, respectively, prior to actual melting [87, 89-92]. These ro-
tator phases are similar to the lipid gel phase in that they exhibit positional long
range order while the molecules are able to oscillate/rotate around their long axis
(hence the name rotator phases). Five distinct rotator phases have been identified
(Ri-Ry), and the sequence of rotator phases occurring in various n-alkanes has been
summarized by Dirand et al. [87], and Cholakova and Denkov [92]. Figure 2.4a
shows the rotator phase sequence for several even n-alkanes upon cooling, as deter-
mined by Sirota et al. [90]. Importantly, this plot does not provide any information
on the phase sequence in odd-alkanes, which may be quite different. The differ-
ent rotator phases are all hexagonal phases, but vary in terms of lattice distortion,
chain tilt (direction), and layer stacking as sketched in Figure 2.4b. Rotator phases
are also formed upon cooling from the melt, during the crystallization process [93].
Upon cooling it is possible to observe transient and meta-stable rotator phases for
some shorter, even-numbered n-alkanes such as hexadecane or eicosane [94]. While
meta-stable rotator phases persist indefinitely at a fixed temperature once formed,

transient phases will eventually transition to the stable crystal form.

The melting temperatures of n-alkanes strongly depend on chain length, similar to

those of the lipid acyl tails [95]. Just above the melting temperature, n-alkanes
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Figure 2.4: n-Alkane phases. a) Phase sequence of even n-alkanes upon cooling as de-
termined by (and adapted from) Sirota et al. [90]. The boundaries of the rotator phase
regions were added manually to guide the eye and should not be used to predict the phase
sequence of odd n-alkanes of similar chain length. b) Structure of selected rotator phases
as seen from the top and from the side, adapted from references [90-92]. Open symbols
show the location of the second layer of molecules. Dotted lines in the top-view show the
direction of chain tilt with respect to the neighboring chains.

with nC between 15 and 50 exhibit so-called surface freezing [96-99|. In such alkane
melts a single layer of ordered chains exists at the n-alkane-air interface. This frozen
layer has been found to persist up to approx. 3°C above the melting temperature,
depending on chain length. The structure of this ordered layer is also dependent on
chain length: For nC < 44, the layer has a (distorted) hexagonal structure similar
to the rotator phases, with either tilted (30 < nC < 44) or untilted (16 < nC < 30)
chains. For longer alkanes, the surface layer is of a crystalline nature. The presence
of a frozen surface layer at the freezing temperature can also explain the negligi-
ble hysteresis between rotator phase melting and crystallization [93, 100]. In bulk
n-alkanes, the liquid-to-rotator transition during cooling occurs pretty much at the
same temperature as the melting of the rotator phase during heating. On the other
hand, the rotator-to-crystal transition supercools a few degrees (particularly for
even n-alkanes) [90, 91|. The supercooling (or undercooling) AT = T,, — T¢. gen-
erally refers to the difference between the crystallization and (equilibrium) melting

temperature.

The crystallization of liquid bulk n-alkane can be described by classic theories of
nucleation and crystal growth [101-103|. Nucleation is the process of the formation
of small crystal nuclei, which occur spontaneously due to density and conformation
fluctuations or are induced by the presence of impurities and surfaces. These two
possibilities are termed homogeneous and heterogeneous nucleation, respectively.
Since small impurities and surface-frozen layers are present in most alkane melts,
heterogeneous nucleation is observed in most experiments. Then, rotator phase
nuclei are formed prior to the transition to the low-temperature crystal phase. It is

possible to create spaces that are sufficiently small to be free of impurities and lacking
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an alkane-air interface by droplet techniques [31, 104, 105]. Thus, homogeneous

nucleation can be studied (see section 2.2.2 for more details).

A crystal nucleus has to reach a certain size to become stable and continue to grow
into a crystal. This is because the free energy AG of a nucleus is the sum of (positive)
interfacial energy AGy and (negative) bulk free energy AG), [101]. It has been found

that a cylindrical model is most suitable to describe n-alkane nuclei [103, 106]:

AG = AGs + AGy,

2.1
= 27(r*o. + rmdoy) — TASATr*md 21)

Here r and m are the radius and height of the nucleus in number of molecules, d
is the n-alkane length, o/ is the interfacial energy per area at the end/side of the
cylindrical nucleus, AS' is the entropy of melting per unit volume and AT =1T,,—T
is the undercooling below the equilibrium melting temperature [103]. The resulting
energy landscape of AG features a saddle point at a given nuclei radius and height,
defining the critical size necessary for a nucleus to become stable. If nucleation is
considered as an activated process, the value of AG at a given nucleus size defines

the related activation energy that needs to be overcome.

For n-alkanes of medium chain length, a nucleus consists of a small number of
crystallized /rotator-phase molecules, aligned in parallel. Notably, it was discussed
that the methyl groups of the hydrocarbon chains initially may not be aligned in one
plane [103, 107, 108]. Instead, misalignment of the methyl groups is considered to
promote further growth of the crystallites by increasing the number of ways in which
new chains can attach to an existing crystallite and by facilitating the formation of
additional crystal layers. Experimental evidence suggests that crystalline n-alkane
molecules possess a certain amount of mobility which permits re-arrangements of

the crystal and slowly perfects the misaligned lamellae [107, 109, 110].

2.2.2 Confined crystallization

The effect of confinement on the crystallization of n-alkanes has been studied in a
number of different geometries. 1-dimensional confinement has been investigated for
example between mica-plates or in thin films bordered by different surfaces [111—
115], 2-dimensional confinement is most often realized by nanoporous matrices [116—
122], and 3-dimensional confinement can be studied when n-alkanes are enclosed
in (emulsion) droplets [105, 123-126] or polymeric nanoparticles [127, 128]. The
effects of different confinement geometries were recently summarized by Cholakova
and Denkov [92].

Since one-dimensional confinement of n-alkanes is usually investigated on, or in
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between, different surfaces, interfacial interactions and energies strongly influences
the alkane orientation and phase behaviour in these systems [113-115, 129]. Also,
alkane surface crystallization plays a much larger role. In alkane monolayers at solid-
air interfaces for example, surface crystallization completely defines the alkane phase
behaviour, and both rotator and crystalline phase structure are different from bulk
n-alkane [111]. Alkane melting was shown to be dependent on film thickness, with
thinner films crystallizing at lower temperatures [130]. At alkane-polymer interfaces,
the n-alkane phase state was shown to affect the motions of interfacial polymer
segments [131]. In this thesis (paper III), a fundamentally different type of one-
dimensional confinement is studied. By inserting n-alkanes into lipid membranes,
the alkanes are not only confined to the membrane interior, but also dissolved in an

anisotropic solvent with a gradient of molecular order.

The effects of confinement in nanopores on n-alkane crystallization depend on pore
geometry and material [118, 122], but exhibit a number of general aspects as dis-
cussed in references [116-122]. If the nanopores have sufficiently small diameters
(below ~ 200 — 300 nm), the confined n-alkane exhibits notably reduced phase tran-
sition temperatures. The magnitude of this effect is thereby related to the pore
diameter, with smaller diameters resulting in a more pronounced depression. In
10nm pores for example, melting occurred about 10-12°C below the bulk melting
point. In addition, new rotator phases appeared in these systems, and transient
rotator phases were stabilized for example in tetradecane (C14). The new rota-
tor phases were of type Ry or Ry, i.e. with non-tilted chains, and their presence
is thought to be connected to the fact that lamellar ordering is lost, or strongly

reduced, inside pores of small diameters.

As mentioned in the previous section, confinement in droplets can lead to homoge-
neous nucleation if the droplet volume is small compared to the number of hetero-
geneities [103-106, 123, 132, 133]. The homogeneous crystallization temperatures of
n-alkanes between 16 and 40 carbons in length were found to be about 14-17°C lower
than the respective melting temperatures [103, 133]. Thus, homogeneous nucleation
can usually be identified unambiguously. There is however some uncertainty re-
garding the relevance of rotator phases during homogeneous nucleation [103]. When
homogeneous nucleation was observed in odd and even n-alkanes between 20 and 32
carbons in length, rotator phases were not detected during the crystallization pro-
cess [104, 105, 132, 133]. Thus, it is expected that homogeneous nucleation results
in direct crystallization from the melt, i.e. the structure of the initial nuclei is the
same as in the low-temperature crystal phase. However, for shorter, odd n-alkanes
(C15, C17 and C19), rotator phases have been observed during homogeneous nucle-
ation [105, 123]. In these studies, the liquid-to-rotator transition temperature was
reduced by 11-13°C compared to the bulk n-alkane transition, while the rotator-to-

crystal transition temperature was only reduced by 6-7°C. It is therefore expected
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that these n-alkanes homogeneously nucleate in the rotator phase, which then facili-
tates the formation of the final crystal phase. Similar to 1-dimensional confinement,
the droplet surface or the interface between n-alkane and droplet shell can influence
the crystallization behaviour. It was found that n-alkane chains can co-crystallize
with the acyl tails of shell surfactant molecules similar to a surface freezing pro-
cess, thus acting as seeds for heterogeneous nucleation [35, 124-126]. The freezing
temperatures found for such cases of surface heterogeneous nucleation lie in between
those measured for homogeneous and volume heterogeneous nucleation. The type of
surfactant or microcapsule used to confine an n-alkane melt can also affect the struc-
tures adopted during the crystallization process. For example, rotator phases were
only observed if surfactants had sufficiently long acyl tails [124, 126]. Alkane crys-
tal morphology in sufficiently small droplets can be different from bulk [105, 134],

rotator phases can be stabilized, and additional rotator phases may appear [135].

2.2.3 Short n-alkanes in lipid membranes

The organization of shorter n-alkanes (nC <16) in lipid membranes, as well as
the effect of such n-alkanes on membrane properties, has been studied for several
decades [136-140]. Many of the early studies had been motivated by the fact that
short n-alkanes (up to C8) have anaesthetic properties [136, 141]. The molecular
mechanisms behind the anaesthetic effect are still under debate, but may be related
to the accumulation of short n-alkanes in the lipid bilayer center [142]. More recent
studies on phospholipid/n-alkane mixtures focused on using n-alkanes as a model
component for other hydrophobic chains in fundamental investigations of the effect
of such molecules on phospholipid bilayers [143-148]. Since n-alkanes of various
lengths are readily available, these molecules are particularly suitable for studying

chain-length dependent effects.

Previous results regarding the effects of short m-alkanes on phospholipid bilayers
can be summarized as follows. Calorimetric experiments showed that n-alkanes
may either lower or raise the lipid main transition temperature 7;,, depending on
their length [140]. The addition of n-alkanes shorter than approximately 12 carbons
results in a decrease of Ty, for several biologically relevant phospholipids [24, 137,
143, 147, 149-152]. This observation was explained by short n-alkanes introducing
disorder and causing a reduction in the van-der-Waals interactions in the lipid gel
phase. Moreover, n-alkane order parameters of C6, C8 and C12 in DMPC are
notably smaller than lipid acyl tail order parameters and decrease with decreasing
alkane length, [24, 149, 153], demonstrating the high mobility of shorter alkanes.
n-Alkanes of similar length as the lipid acyl tails, or even longer, have been shown
to increase the hydrocarbon chain interactions and thus the lipid Ty, [24, 137, 143,
146, 147, 149]. In addition to a shift of the main transition temperature, a slight
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broadening of the transition region as well as the disappearance of the pretransition
have been reported [137, 143, 146, 154]. Furthermore, the effect of different n-alkanes
on the lipid T;, was found to depend on the nature of the lipid headgroup [143].

The addition of n-alkanes was also shown to affect the lipid bilayer bending modu-
lus. The group of K. Saito reported that in the gel-phase, addition of n-tetradecane
strongly increases the bending rigidity of DPPC bilayers due to denser chain pack-
ing [155]. On the other hand, they found that C10, C12 and C14 decreased the
bending modulus of liquid-crystalline DPPC membranes by decreasing the coupling
between the two bilayer leaflets [147].

Since both the phase behaviour and the mechanical properties of alkane-containing
bilayers depend on the exact location of the n-alkane chains in the phospholipid
membrane, the molecular arrangement of n-alkanes in lipid membranes has been
discussed extensively. C6, C8 and C10 were found to significantly increase the
thickness of gel- and liquid-crystalline bilayers of saturated phospholipids [136, 137,
156], and these short alkanes are thus suspected to accumulate to a large amount in
the space between the two bilayer leaflets. C12, C14 and C16 on the other hand only
increased the thickness of gel-state lipid bilayers considerably [137, 149, 156]. It was
found that the thickness increase in these cases results from a removal of lipid acyl
chain tilt [137, 146] and it was argued that longer n-alkanes align parallel to the
lipid acyl chains. More recently, Usuda et al. published apparently contradicting
results [147]. For liquid-crystalline DPPC bilayers, they observed an increase in
bilayer thickness for C14, but not for C8, C10 or C12. Therefore, they concluded
that longer molecules partition into the bilayer center and shorter n-alkanes disperse
evenly. Usuda et al. explained the deviation from previous results by different n-
alkane concentrations in the lipid membranes. Since e.g. Mclntosh et al. [137]
studied lipid membranes saturated with n-alkanes, their final alkane content (for
the shorter n-alkanes) was likely higher than the constant mole fraction of 40 %
studied by Usuda et al. Moreover, Gruen et al. had previously calculated that n-
alkane location should depend on concentration, and an increasing accumulation of

n-alkanes in the bilayer center should be observed for higher concentrations [157].

Finally, it has been noted that the addition of n-alkanes can result in the formation of
non-bilayer lipid phases [140]. For example, n-alkanes ranging from C12 to C20 were
found to decrease the bilayer-to-inverted hexagonal phase transition temperatures of
different PE lipids [158, 159]. The n-alkane chains thereby preferentially partition
into the interstitial space between the cylinders of the hexagonal phase [145, 159—
161]. In addition, different n-alkanes could be shown to promote the formation of
inverted hexagonal phases in PC lipids which do not originally exhibit non-bilayer
phases [162, 163]. In some of these samples, at high hydration levels, the formation

of an isotropic phase was also observed.
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Chapter 3

Experimental methods

This chapter discusses the experimental techniques used in this thesis. A particular
focus is placed on different types of solid-state nuclear-magnetic resonance (NMR)
experiments, but X-ray scattering, cryogenic electron transmission microscopy (cryo-
TEM) and differential scanning calorimetry (DSC) are also introduced briefly.

3.1 Solid-state NMR

NMR is the study of nuclear spin systems. The nuclear spin is an intrinsic property
of atoms, and every nucleus with a nuclear spin quantum number I greater than zero
can be observed by NMR. By combining strong magnetic fields and radio-frequency
(RF) pulses it is possible to detect transitions between different spin states and to
determine the chemical composition of a substance, or to study molecular structures
and dynamics. This chapter summarizes a number of NMR techniques relevant for
the study of lipid membrane systems. More fundamental concepts of NMR will
not be discussed here since they are reviewed in a number of excellent textbooks
(e.g. [164-167]). All explanations provided in this chapter are based on the books by
M. Levitt [164] and M. Duer [165], as well as the review by Bérenwald et al. [168],

unless noted otherwise.

In solid-state NMR, orientation-dependent interactions play a very important role.
Their presence and magnitude can provide information on the (molecular) struc-
ture of the sample. Orientation-dependent interactions include the chemical shift
anisotropy (CSA), homo- and heteronuclear dipolar coupling, as well as the quadrupo-
lar coupling. As highlighted in the following sections, the orientation dependence of

these interactions is often given by a second Legendre polynomial, e.g.

Py(cosOpy) = ;(3(:0826@ -1 (3.1)

17



where 6, refers to the angle between the principal component of the interaction
tensor, m, and the laboratory frame I which is parallel to the main magnetic field
Bj. Importantly, in an NMR experiment, one generally observes a time average
of the orientation-dependent interactions. As a consequence, sample structure and
dynamics play an important role in determining which interactions affect the NMR

spectrum, and to which degree.

A sample is isotropic if a single molecule can in principle sample all orientations
during the timescale of the NMR experiment (which depends on the strengths of the
couplings involved but is often on the order of microseconds). This is the case for
e.g. liquid n-alkanes or lipids in small vesicles which perform isotropic tumbling in
water, and where lipids diffuse efficiently through the bilayer. For isotropic samples,

the time average of equation 3.1 evaluates to zero:
(Py(cos Om1))iso = / sin Oy, Pa(cos Opy) dfyy = 0 (3.2)
0

Here, the factor sin 6., corresponds to a 3-dimensional isotropic distribution of an-
gles 6,,. Evidently, orientation-dependent interactions can be neglected in isotropic

systems, similar to solution NMR.

Lipid bilayer phases or solid n-alkanes however are anisotropic systems. While MLVs
are usually spherical, they are large enough that a lipid molecule can not isotropically
diffuse around an MLV on the timescale of the NMR experiment. Every lipid is
therefore effectively confined to a finite region of the bilayer. That region is here
referred to as a “bilayer slab”. It can be described by its director d, i.e. the average
direction of the bilayer normales in a stack of lipid bilayers (see Figure 2.3a). A
bilayer slab is oriented at an average angle 64 with respect to the main magnetic

field, and the average orientation dependence may be written as
(P5(co8 Om1) Yaniso = (P2(cosbma)) Pa(cosba) . (3.3)

Similarly, solid n-alkanes contain crystallites of various orientations 64 and it is
customary to refer to the resulting, broad NMR lineshapes as powder- or Pake

patterns.

Explicit examples of how anisotropic interactions in lipid/n-alkane systems can be
used to determine molecular structure are provided in the following sections. First,
static techniques making use of 3'P CSA and ?H quadrupolar coupling are discussed.
Then, the benefit of using high-resolution magic-angle spinning (MAS) 'H and 3C
NMR is highlighted, and the principle of *C-'H dipolar recoupling experiments is

explained.
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Figure 3.1: Orientation-dependent interactions in lipids and exemplary NMR spectra. a)
3IP-CSA tensor orientation, definition of 6y, and simulated 3P NMR spectra. Left:
Orientation of the eigenvectors o .., oy, and o4, in the phospholipid headroup, adapted
from [58, 169] (length not to scale). The oxygen atoms Ol and O2 are connected to
the glycerol backbone and headgroup, respectively. o .. and o, are located in the O4-
P-O3 plane. The angle ¢ is not defined in this sketch, making it valid only for n = 0.
Right: Simulated spectra centered around r;,, and calculated as described in the text,
using the following settings. L.: Equation 3.4, {0..,0yy, 022} = {108, —21, 81} ppm,
line-broadening of T=0.5ms; L,: Equation 3.9, {o1,0} = {18, 30} ppm, To=1ms; H:
Equation 3.10, {o1,0} = {18, —30} ppm, To=1ms; is0: ves = Vis-. b) Orientation of
6. for quadrupolar coupling in a C-2H bond (in a hydrocarbon methylene group), and
simulated ?H spectra. The spectra were calculated using equation 3.13, T,=2 ms, and order
parameters of Scy = 0.1 (Avg,1=12.5kHz) and Scy = {0.03,0.09,0.105,0.11,0.115},
respectively. The latter values correspond to order parameters of liquid C10 in a DPPC
membrane, as determined in paper 1L

3.1.1 Static *'P NMR

This section describes how 3'P chemical shift anisotropy can be used to distinguish
between different lipid phases. *'P has a nuclear spin of I = 1/2 and a natural
abundance of about 100 %, making it a convenient nucleus for NMR investigations.
In addition, the phosphorous in a lipid headgroup is isolated from other phospho-
rous nuclei. Thus, homonuclear dipolar couplings can be neglected and CSA is the
dominant interaction at high fields, although it may still be beneficial to decouple

TH-3'P dipolar interactions in order to obtain sharp spectra [58].
p p sp

In general, chemical shift refers to a change of the effective magnetic field at the
site of a nucleus due to shielding by the surrounding electron cloud. Since the
local magnetic field defines the transition energy between the nuclear spin states, an

NMR spectrum features peaks at distinct frequencies for nuclei in different chemical
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environments (as illustrated in sections 3.1.4, 3.1.5 and e.g. Figure 3.2). In most
cases, the molecular surroundings of a nucleus are not isotropic. Then, the electronic
shielding varies depending on how a molecule is oriented with respect to the main
magnetic field. This phenomenon is referred to as chemical shift anisotropy (CSA).
The chemical shielding at the position of the nucleus is described by the symmetric
chemical shielding tensor, or CSA tensor, o. In its principle axis system, o is defined
by the three eigenvalues 0., oy, and o,, which correspond to the three basis vectors
of a given molecular geometry. This is illustrated in Figure 3.1a for the 3P nucleus

in a phospholipid headgroup.

The dependence of the resonance frequency on molecular orientation in the presence
of CSA is given by

1
Ves = Vo — VoOiso — §V0A(3COS29m1 — 14 nsin?f,, cos2¢) (3.4)

where 14 is the Larmor frequency in Hz, 6, is the angle between o,, and the main
magnetic field By, ¢ is the azimuthal angle, and A, 0,5, and 7 are defined as [165]:

A= Ozz — Oiso (35)
1
Oiso = g(axx + Oyy + Uzz) (36)
Ozz — Oyy
= Y 3.7
n A (3.7)

For lipids, it can be shown that phase structure strongly influences the shape of the
3P NMR spectra [170]. Figure 3.1a shows exemplary spectral shapes correspond-
ing to PC lipids in the L., L,, isotropic or hexagonal phase. The origins of these
different spectral shapes have been analyzed by J. Seelig [58], and can be summa-
rized as follows. In crystalline bilayers (L.), all three eigenvalues of o are different.
Additionally, lipid headgroup rotation and diffusion are extremely limited in this
phase, and no averaging over different orientations takes place. Thus, the 3'P NMR
spectra of L. phases can be calculated using equation 3.4. In non-oriented bilayers
(i.e. samples containing randomly oriented L. bilayers as found in e.g. MLVs), all
the different orientations 6,, and ¢ can be found in the sample. As a consequence,
the measured spectrum is a superposition of individual spectra corresponding to the
different resonance frequencies ves(6m1, ¢). The resulting L. spectra of PC and PE
lipids are about 190 ppm wide [169] and have a very characteristic powder-pattern

lineshape featuring two edges at 0., and o0,,, and a sharp feature at oy,.

In liquid-crystalline bilayers (e.g. L), lipids rotate around the axis of the bilayer
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normal. Thus, the CSA tensor is partially averaged to a uniaxial tensor,

o 0 0
o=|0 o, 0 : (3.8)
0 0 0'||

Using this tensor, equation 3.4 simplifies to
2
Ves = 1y — V0iso — gVoAO'PQ(COS Oa) (3.9)

with 6y being the angle between B and the bilayer director d (compare Figure
2.3a), and Ao = o — 0. Across the whole sample, all possible values of 64 are
present, and the spectrum is again a superposition of multiple resonance peaks.
Since o only has two unique eigenvalues, the spectum features only two edges. The
more perpendicular orientations thereby occur more often, and the edge with higher
intensity can be assigned to o,. For PC lipids, Ao ~ —50 to —40 ppm [170, 171],
and acyl tail composition does not affect the headgroup motion significantly [171-
174]. The characteristic shape of the 3'P spectrum of liquid-crystalline bilayers is
retained to a certain degree in the gel- and rippled phases. However, corresponding
spectra are somewhat broader, with Ao &~ —60 to —50 ppm in PCs [169, 171, 173,
175]. The value of Ao depends on both the length of the lipid acyl tails as well as
the exact temperature. The latter observation was explained by the fact that, while
axial rotation remains possible in the P /L phases, it becomes progressively slower

at lower temperatures, causing deviations from the theoretical line shape.

If small lipid vesicles are studied instead of MLVs, lipid diffusion around the vesicle
surface and isotropic tumbling of vesicles in water cause averaging of g (identical
to O in equation 3.2). Then, the 3'P spectrum of such lipid assemblies is reduced
to a single, narrow peak at the isotropic chemical shift v;s, = vo(1 — 04s0) [58, 174,
176-178]. Under such conditions, static 3P NMR also enables determination of the
distribution of different lipid species across the two bilayer leaflets [174, 179].

In hexagonal phases on the other hand, motional averaging occurs around the cir-
cumference of the lipid “cylinders” (compare Figure 2.2a). Then, the corresponding

symmetry axis ¢ is parallel to these cylinders, and the resonance frequency is given
by

1
Ves = Vg — VoOiso + gquaPQ(cos 0a) (3.10)

where 6 is the angle between ¢ and By. Assuming that the orientations 6, also
follow an isotropic distribution, the expected NMR spectrum will be only half as

wide as the spectrum of a bilayer phase, and inverted.

21



3.1.2 Static 2H NMR

2H NMR is a convenient method to study lipid membrane order parameters and has
been around for many decades, starting with the works by e.g. Oldfield et al. [180],
Seelig et al. [82, 86, 181, 182] and Stockton et al. [183] in the 1970’s. This section
summarizes the most important concepts of 2H NMR for the determination of C-H
(or, more accurately, C-H or C-D) bond order parameters and is mostly based on
the work of J. Davis [184], in addition to references [164, 165, 185].

2H has a nuclear spin of / = 1 and thus ?H NMR is dominated by the quadrupolar
coupling (Figure 3.1b). All nuclei with / > 1/2 have an electric quadrupole moment,
i.e. the electric charge distribution of the nucleus is not a perfect sphere. This
quadrupole moment interacts with the electric field gradient, V', at the position of
the nucleus. In it’s principal axis system, V' is diagonal with the three eigenvalues

Viws Vyy and V.., where V., is the largest eigenvalue.

For 2H in a C-D bond, V., is collinear to the bond vector, defining the angle 0,
as shown in Figure 3.1b. The quadrupolar coupling constant x = eV,,Q/h, with
quadrupole moment @, for 2H in a C-D bond is about 167 kHz. This is a much
smaller frequency than the ?H Larmor frequency (e.g. 61.4MHz at 9.4T), and
consequently it is sufficient to consider only the first-order terms of the quadrupo-
lar Hamiltonian when calculating the effect of quadrupolar coupling on the NMR
spectrum. For I = 1 one obtains three spin eigenstates with quantum numbers

m = {—1,0,+1}, and their energies given by

3eV..Q
4

2 1
[m? — g][PQ(COS Om1) + L] sin0, cos 26] . (3.11)

Em=Eo+

Note the similarity to equation 3.4. Further discussion will continue under the
assumption that 7o = 0. For liquid-crystalline lipids, this assumption is easily
justified by the fast rotation of lipids about their long axis [86], see also section
3.1.1 on 3'P CSA. In the case of a rigid C-*H bond (i.e. crystalline lipids and
alkanes), ab-initio calculations [186] and *H NMR, measurements on very short,
solid n-alkanes [187] have also confirmed that ng is small enough to be neglected.
However, the situation is more complicated in the gel- and rotator phases of lipids
and alkanes, respectively, due to slow axial motions. The resulting 2H spectra are
quite broad, and are lacking distinctive features (except possibly the methyl group
peaks, which benefit from sufficiently fast methyl group rotation even in the gel
phase [85, 184, 188, 189]). It is not trivial to derive order parameters from such

spectra and they are not considered further in this section.
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For ng = 0, one can define

3
Avg = %Pg(cos Out) (3.12)

and it becomes evident that the quadrupolar interaction shifts the Zeeman energy
levels corresponding to m = £1 by +1/6 Avg, and the energy level with m = 0
by —1/3Avg (compare equation 3.11). Thus, a ?H quadrupolar spectrum shows
two peaks at vy £ Y2Avg, with a splitting of Avg. Equation 3.12 states that
the quadrupolar splitting Av is orientation dependent. Considering that NMR in
fact measures the time averaged quantity (Avg), this orientation dependence can be
related to the C-D bond order parameter of lipid membranes, Scp (or Scy, equation
2.1). For a single C-D bond in a stack of lipid bilayers with director d and without

membrane undulations (i.e. d || n), equation 3.3 results in

3
<AVQ> = EX <P2(COS 9md)> PQ(COS Hdl)
(3.13)
3X
== 7 SCD PQ(COS edl)

Similar to 3'P NMR, powder averaging over 64 needs to be considered. Thus the
NMR spectrum is a superposition of resonance pairs, each with a certain splitting
(Avg)(0ar). Such an exemplary powder pattern is shown in Figure 3.1b. Since the
splitting related to 64 = 90°is the most prominent, the order parameter is usually

determined from the set of prominent horns separated by Avg 1 = (Avg)(90°):
[Sen| = | = o Avg. | (3.14)
=| - — Ay, .
CD 3y QL

Using this method, only absolute order parameters can be obtained. However, it is
possible to determine the sign of the order parameter using *C-'H dipolar recoupling

techniques which are discussed in chapter 3.1.6.

Usually, order parameters in a hydrocarbon chain vary along the chain. While it
is possible to obtain selectively deuterated molecules, many studies make use of
molecules that are deuterated in multiple positions. Then, the observed 2H NMR
spectrum will be a superposition of the individual powder spectra. An example
for this is also included in Figure 3.1b. Similar to CSA, the quadrupolar coupling
is averaged to zero in the case of isotropic systems. Then, (Avg) = 0 and the
2H spectrum will only show a single, narrow peak at the Larmor frequency. Such
spectra can be expected for example for liquid bulk n-alkanes, and thus static 2H
NMR is a useful tool to determine whether n-alkane molecules are mixed with lipid

membranes, as shown in paper I.

It should be noted that so far only flat bilayers have been considered, where 6,,, =
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Oma. However, if membrane undulations are present, d is not necessarily parallel to

n, and
(Py(cosbma)) = ScpSna (3.15)
with [190]
St = /0 " P(004) Pa(cosfoq) dbpa . (3.16)

P(6,q) then describes the probability distribution of angles 6,4.

For spin I = 1 nuclei, the broad quadrupolar NMR spectrum is measured using
the so-called quadrupolar echo, as opposed to a single 90° pulse. For a detailed
discussion of the quadrupolar echo in terms of the spin-density matrix, the reader
is referred to chapter 13.1.10 of M. Levitts book [164]. Suffice to say here that
this echo sequence consists of two 90°-pulses separated by a delay 7, the second
pulse being phase-shifted by 90°. It can be shown that the second pulse switches
the satellite orders of the single-quantum coherences (which define the phase factor
acquired during dephasing), resulting in refocusing of the quadrupolar interaction

after the second pulse and an echo being observed at time 27.

3.1.3 Magic-angle spinning (MAS)

Even though anisotropic spin interactions provide useful information on sample
structure, NMR spectra of satisfactory (isotropic) chemical shift resolution can only
be obtained in the absence of such interactions. The following sections will show
that this is particularly useful for 'H and ¥*C NMR experiments. Magic-angle spin-
ning (MAS) allows averaging of orientation-dependent interactions to zero and is
therefore an indispensable technique in solid-state NMR. During MAS, the sample
is rotated at a sufficiently large frequency w, around an axis . For an anisotropic
nuclear spin interaction whose orientation-dependence is defined by equation 3.1,

the time-averaged orientation dependence under fast spinning can be written as
(Py(cos b)) = (Pa(cos O, )) Pe(cosby) (3.17)

where 6, and 6, denote the angles between the principle axis of the interaction
tensor and the rotation axis, and between the rotation axis and the main magnetic
field direction, respectively. If 0, = Oya = 54.74°, Py(cosb,) is zero and conse-
quently the time average of any orientation-dependent interaction proportional to
Py(cosOyy) is also zero. However, this only holds if spinning is fast compared to

the strength of the anisotropic coupling. For lipids in the L, phase, w,=5kHz is
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Figure 3.2: 'H and *C MAS NMR of lipids. a) Assignment of lipid carbons and 'H
spectrum of DMPC in water, acquired at 35°C (i.e. in the L, phase). Peak integration
results in a water content of n,=8.3+1.5. b) Pulse sequences of DP and the refocused
INEPT technique. c¢) **C rINEPT and DP spectra for DMPC in water measured at 40°C.
The two '3C spectra were acquired using the same number of scans.

usually sufficient to obtain resolved spectra since molecular motion additionally de-
creases the strength of the relevant interactions. In some cases however, it may still
be necessary to employ techniques for homo- or heteronuclear dipolar decoupling.

Heteronuclear decoupling for *C NMR experiments is discussed in section 3.1.5.

3.1.4 'H-MAS NMR

'H is an extremely convenient nucleus for NMR studies. 'H has a spin of I = /2, has
a natural abundance of close to 100 %, and is present in nearly every molecule. In
addition, even single-pulse experiments (i.e. excitation by a 90°pulse and acquisition
during the subsequent relaxation) can provide useful information on sample compo-
sition. Figure 3.2a shows the 'H NMR spectrum of liquid-crystalline 1,2-dimyristoyl-
sn-glycero-3-phosphatidylcholine (DMPC) in water, acquired under MAS and using
a single-pulse excitation and one scan only. The assignment of the peaks is well
known [191]. One can clearly identify the peaks related to the different protons
in the lipid headgroup and glycerol backbone by their markedly different chemical
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shifts. The protons in the middle of the acyl tails however are more difficult (or
impossible) to distinguish. n-Alkanes are chemically identical to the lipid tails and
thus their 'H spectrum shows peaks at similar chemical shifts (carbon numbers 4 to

14 in the Figure, see also paper III).

The 'H NMR spectrum shown in Figure 3.2a is quantitative, that is to say the inten-
sity of a peak in the NMR spectrum is proportional to the number of corresponding
protons in the sample. Thus 'H NMR can be used to determine the amount of water
in lipid/water mixtures by fitting the relevant peaks to the real part of a complex

Lorentzian function,

I(v) =1 A

om ) (3.18)

where v is the chemical shift frequency in Hz, u is the position of the peak maximum,
and A and I relate to the peak width and height, respectively. For example, nine
protons per DMPC molecule contribute to the v peak, but only two protons are
connected to the o or § carbons each. Consequently, the area under the v peak
should always be 4.5 times larger than the o or § peak area. Similarly, the number
of water molecules per lipid molecule, n,,, can be calculated from the relative area
of the water peak. Using this method, the sample resulting in the spectrum shown

in Figure 3.2a was found to have a water content of n, = 8.3 4+ 1.5.

'H NMR can also be used to differentiate between gel-phase and liquid-crystalline
lipid bilayers, or to determine the lipid main transition temperature. In the gel
phase the lipid acyl tails have a much lower mobility than in the liquid-crystalline
phase. Thus homonuclear dipolar interactions are stronger, leading to shorter Ts
relaxation times and peak broadening [192, 193]. At MAS frequencies of 5kHz, the
broadening is strong enough that the peaks are hardly visible, and the integral of the
'H acyl tail region (about 0-3 ppm) shows a step-wise change at the phase transition
temperature [168, 194]. Paper III shows that this principle can also be applied to
n-alkanes. In such cases, the measured 'H intensity drops considerably when the

n-alkanes enter the rotator or crystalline phase.

3.1.5 BC-MAS NMR

13C NMR spectra acquired under MAS result in a better spectral resolution com-
pared to 'H NMR. The lipid peaks are distributed over a larger range of chemical
shifts (Figure 3.2c) and thus it is easier to assign peaks to specific carbon atoms.
Even more importantly, 1¥*C-'H dipolar recoupling measurements can provide details

on molecular structure and will be discussed in the following section.

13C is also a spin-1/2 nucleus, however its natural abundance is only 1.1 %. The more
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common isotope 2C has a nuclear spin of zero and thus cannot be used for NMR
experiments. Still, the low abundance of *C is advantageous since it guarantees
that carbon homonuclear dipolar couplings can be neglected. However, even in
fluid lipids, MAS frequencies of only 5kHz are not sufficient to completely remove
the 'H-13C dipolar coupling. In addition, the network of homogeneously coupled
proton spins creates a time-dependence of the 3C-'H coupling, rendering MAS less
efficient. Therefore it is necessary to perform heteronuclear decoupling during signal

acquisition.

The most simple type of heteronuclear decoupling is the so-called high-power, con-
tinuous-wave decoupling. Here the 'H spins are continuously irradiated with a high-
power RF pulse. Irradiation at their resonance frequency induces transitions be-
tween the two I, spin states. If these transitions are fast compared to the heteronu-
clear dipolar coupling strength, the 3C nuclei are only affected by the time-averaged
heteronuclear coupling to the protons, which is zero. Thus, effective heteronuclear
decoupling is achieved. The main problem with this technique is that the high-power
RF irradiation can lead to substantial sample heating. To avoid this problem, a num-
ber of other decoupling sequences which achieve a higher decoupling efficiency at the
same RF power have been invented. Prominent examples include the TPPM [195,
196] or SPINAL [197] sequences which employ a variety of long pulses with varying
phases and /or flip angles.

For lipid samples, direct polarization (DP) experiments, consisting of single-pulse
excitation and acquisition under heteronuclear decoupling, result in reasonably large
signal intensities (Figure 3.2b,c). Still, signal enhancement techniques can shorten
the duration of an experiment significantly. When magnetization is for example
transferred from 'H to '*C, the maximum signal enhancement possible is |y /vc| ~ 4
(with v being the gyromagnetic ratio). With regards to lipid bilayers, the most com-
monly used enhancement techniques are the refocused INEPT (rINEPT) [198] and
cross polarization (CP) [199]. Both pulse sequences transfer magnetization from 'H
to the 13C spins, but their efficiency strongly depends on the dynamics and C-H bond
order parameters (i.e. dipolar couplings) in the system [200, 201]. An explanation of
the relation between order parameters and dipolar coupling strength is given in sec-
tion 3.1.6. Figure 3.2b shows the pulse sequence of the refocused INEPT technique.
A comparison between rINEPT and DP spectra obtained from DMPC in the L,, is
shown in Figure 3.2c. Clearly, the refocused INEPT produces notably higher signal
intensities for most carbons. The difference in enhancement between different car-
bon peaks is due to the mechanism of the magnetization transfer. In the refocused
INEPT experiment, magnetization is transferred via J-couplings. It was shown [200]
that stronger dipolar couplings and the resulting increase in transversal relaxation
rate significantly decrease the enhancement factor, and thus this technique is much

more efficient for disordered bonds and fast dynamics. Considering the lipid order
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parameter profile discussed in section 2.1.3 and figure 2.3, the signal increase from
DP to INEPT is somewhat smaller for carbons between the glycerol backbone and
the middle of the acyl tails. Still, INEPT is particularly well suited for lipids in the
liquid-crystalline phase. At lower temperatures, or when ordering is increased by
the addition of guest molecules, CP may result in better signal enhancement: CP
performs best when order parameters are large and/or dynamics slow [200, 201].
This is because the CP magnetization transfer occurs via 'H-3C dipolar couplings.
Such magnetization transfer between 'H and '*C spins is enabled by matching the
Hartmann-Hahn condition, [ygB;(*H)| = |7¢B1(**C)|. Under MAS, this condition

is modified to wi — w{ = +nw,, n = 1,2.

3.1.6 BC-'H dipolar recoupling

BC-1H dipolar couplings provide information about the C-H bond order parame-
ter, similar to static 2H NMR techniques. In order to obtain structural information
while simultaneously retaining the chemical shift resolution, so-called dipolar re-
coupling techniques have been designed. These pulse sequences re-introduce the
heteronuclear dipolar interaction under MAS, and have two main advantages over
H NMR. First, measurements can be performed on standard molecules (without
specific deuteration). Second, it is possible to unambiguously assign C-H bond order
parameters to the correct carbons based on the 3C isotropic chemical shifts. Cer-
tain recoupling techniques even allow the determination of the sign of Scy [202]. In
order to compare different recoupling techniques, it is beneficial to first review the
effect of heteronuclear dipolar couplings on an NMR spectrum. Then, the concept
of scaling factors is introduced and the advantages of the R-PDLF pulse sequence

are discussed.

A 13C spectrum in the presence of heteronuclear dipolar coupling takes the form of
a Pake pattern, with horns separated by a splitting Avy, that is a measure of the
dipolar coupling strength. This shape is identical to the one obtained by quadrupolar
coupling (with ng = 0, Figure 3.1b), however its origin is somewhat different: The
magnetic moment of a nucleus, u, creates a local magnetic field. If two spins, e.g.
a 13C and a 'H spin are close in space, they experience the local magnetic field
generated by the other spin. Then, the carbon transition frequency depends on the

orientation of uy relative to uc, resulting in two resonances at
Vigda = Vo + d5<P2(COS le» s (319)

where 6, is the angle between the vector connecting the two spins and the main
magnetic field, and d, is the static coupling. The static dipolar coupling between

two spins depends on their gyromagnetic ratios and the distance between them, and

28



a) R-PDLF b)

. 2T _
H [-|R181), |R18 D)+ | . [het. dec.
pfersl A
180° N 1
= Ll
13C = -
AAI\I\V.\
) ) Vvvv LIS JASLELEL SR SRELELEL S SRELELEL SR |
o 70 60 50 40 30 20 10
t1 t2
13¢ chemical shift / ppm
c)
O 1- carbon 14
o 4? > Avgy
1]
<
t5o
[
Z - T T T T T T T 1 T T T T T =T 1
0 2 4 6 8 10 12 14 -1.5 -1 -05 0 0.5 1 1.5
t; / ms v(13C-1H) / kHz

Figure 3.3: R-PDLF experiment. a) Pulse sequence of the R-PDLF experiment. b), ¢)
Determination of order parameters via modulation of the '3C intensities by '*C-'H dipolar
coupling with ¢;. Spectra of DPPC in water, acquired using rINEPT for magnetization
transfer, are shown in b) for the first three values of #; (0, 0.4 and 0.8 ms; equal to 07T,,
2T, and 4T,). The peak of carbon index 14 is highlighted, and the corresponding intensity
modulation is shown in ¢) over the whole range of ¢;. Fourier transform of the modulation
yields a splitting Avgy corresponding to a C-H bond order parameters of 0.11140.006.

is approx. 21.5kHz for a C-H bond [203]. In a crystalline solid, e.g. solid n-alkanes,
averaging over different orientations 6, does not occur, and the spectrum is a super-
position of resonance pairs. The orientation 6, = 90° occurs most often, resulting in
the characteristic powder-pattern line shape. The splitting between the two promi-
nent horns then is Avyy = 2d;P2(cos90°) = d,. In lipids and other anisotropic
liquids the observed splitting is reduced by the factor (Ps(cosf,4)) compared to the
static splitting (see equation 3.3).

If dipolar recoupling techniques are used, the measured dipolar coupling is usually
smaller than the true coupling by a factor ky. If d' = kg Avg, is the coupling observed
by a dipolar recoupling sequence, the following equation can be used to determine

the C-H bond order parameter:

d

SCH:kd d_

(3.20)
The value of k; depends solely on the type of recoupling technique used. It is
important to select a sequence with a sufficiently large scaling factor, such that
the splitting d’ can still be resolved easily, even for the smallest expected order

parameter.
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One suitable option to measure C-H bond order parameters in lipids is the R-PDLF
pulse sequence, depicted in Figure 3.3a [204, 205]. As is common for this kind of
experiment, 3C isotropic chemical shift evolution (during signal acquisition, ¢,) and
evolution under C-'H dipolar couplings (during ¢;) are separated. Dipolar recou-
pling is achieved by type R18 recoupling blocks on the proton channel. These blocks
each consist of eighteen 180° pulses, with alternating phases of 70° and -70°, spaced
over exactly one rotor period 7, [203]. They simultaneously recouple the heteronu-
clear dipolar interactions and CSA, and decouple the 'H-'H homonuclear dipolar
coupling. In order to remove CSA effects, an additional 180°-pulse is applied on the
carbon channel at t;/2, and the phases of the second half of R-blocks are all shifted
by 180°. As the name suggests, R-PDLF is a PDLF (“proton-detected local field”)
technique. This means that the magnetization remains on the proton channel while
BC-H coupling is active, in contrast to CDLF techniques (“carbon-detected local
field”). PDLF techniques are thus particularly useful when the two protons in a CH,
group have different order parameters. CDLF techniques such as FSLG-CP [205]
or recoupled DIPSHIFT techniques [206, 207] can not distinguish these different
order parameters since the effects of both protons on the carbon magnetization can
not be separated. In order to retain this advantage of the R-PDLF experiment,
the subsequent magnetization transfer should only occur between directly bonded
protons and carbons. This is guaranteed by the refocused INEPT, or a CP with
a sufficiently short contact time (see section 3.1.5). Then, during acquisition, the
signal is only modulated by 2C isotropic chemical shift since MAS averages out

CSA, and heteronuclear decoupling removes residual *H-'3C interactions.

Figure 3.3b,c illustrates how to obtain order parameters from an R-PDLF mea-
surement. The experiment is performed for a number of different ¢; values, each
resulting in a ¥C spectrum. However, contrary to the spectrum shown in Figure
3.2¢, the peak intensities are now modulated by the residual 3C-'H dipolar cou-
plings. If these intensities are plotted versus t; for a selected peak, one observes a
decaying oscillation. Stronger residual couplings, as found in the crowded spectral
region and towards the glycerol backbone, correspond to larger frequency differences
Avgq and thus result in faster oscillations. This oscillation can be subjected to a
Fourier transform to obtain a spectrum from which Avyy = d’ can be measured, as
also shown in Figure 3.3c. Scy is then calculated using equation 3.20 and a scaling
factor of k; = 0.315 [204]. This method was used in paper I, in order to determine

the influence of n-alkane incorporation on lipid acyl tail ordering.

Instead of applying a Fourier transform, it can be advantageous to employ fitting
techniques to determine the order parameters directly from the ¢;-domain modula-
tion [209, 210]. An example of time-domain fitting considering the spatial inhomo-
geneity of the RF field was highlighted in a recent publication by our group [208]:

In order to resolve a splitting Av with sufficient accuracy, the longest time ¢; needs
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Figure 3.4: Time-domain fitting procedure including RF inhomogeneity; Figure adapted
from reference [208]!. a) 3C refocused INEPT spectrum of POPE, b) C-H bond order pa-
rameter for the 8 carbon as a function of number of points in the time-domain, determined
using the standard FT approach (gray), and employing the time-domain fitting technique
with (red) and without (blue) accounting for RF inhomogeneity. ¢) Time-domain modula-
tion with 32 points (gray) and Fit with RF inhomogeneity (red), and resulting frequency
domain spectra using the two approaches. d) The same as c¢) but using only the first 8
points of the time-domain modulation.

to be longer than 0.5d ! [211] (ideally ¢; yax > 4d'~1). If the modulation is a super-
position of two different couplings with splittings dy and df, the relevant coupling
for determining t1 max is |dy — di|. Consequently, long times #; max are required to
measure small order parameters or to separate multiple, similar order parameters
for a single carbon index. Not only is the acquisition of many points ¢; very time-
consuming, large ¢, values also result in significant heating of the sample due to RF
irradiation. Time-domain fitting overcomes this problem, as shown in Figure 3.4.
The standard FT approach provides accurate order parameters only when at least
about 22 points are acquired in the time domain. Using the fitting procedure, the
modulated intensity can be predicted for larger ¢; values and enables determination
of |Scu| for as few as 8 time-domain points. Importantly, the inhomogeneity of the
RF field across the NMR sample [212] can obstruct the fitting process. In refer-
ence [208] we also showed that by simulating the time-domain modulation using a
superposition of modulations corresponding to the different, measured RF frequen-

cies across the sample, experimental data can be fitted reliably (Figure 3.4b).

!Published under the terms of the Creative Commons Attribution 4.0 License, which

permits use and reproduction provided the original work is properly cited.
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3.2 X-ray scattering

X-ray diffraction is widely used to determine the molecular structure of ordered
phases, the most common example being the determination of unit cell parameters in
crystalline systems. This example serves well to illustrate the basic concepts of X-ray
diffraction/scattering experiments, and textbook knowledge is briefly summarized
in the following. For further details and explanations the reader is referred to the
book by W. H. de Jeu which this summary is based on [213].

If an x-ray beam is directed through a sample, the electrons present in the sample
scatter the x-ray beam. Each atom then becomes the center of a radially scattered
wave. If the sample exhibits structural order at length scales similar to the inverse
x-ray wavelength 1/x, the scattered waves from various atoms interfere with each
other. Then, scattering intensity can only be observed in the case of constructive
interference. Consequently, the spacing of atoms with respect to each other, i.e.
the crystal structure, defines the position of observable scattering reflections. Two
conditions for observable reflections have been derived; The von-Laue condition
states that the scattering vector ¢ = ko, — kin has to be equal to a lattice vector
in so-called reciprocal space, G, for scattered intensity to be observable. Here,
q is defined by the wave vectors of the incoming and scattered waves, ki, and
k.., respectively. The von-Laue condition is equivalent to the well-known Bragg

equation,
2dsinf = n\ (3.21)

where d is the spacing of a given family of lattice planes, 26 is the scattering angle,

n=1,2,3,.., and A is e.g. 0.1542nm for the copper K, line.

In crystalline powders, crystallites of different orientations can be found in the sam-
ple and one observes diffraction rings corresponding to distinct angles 26 instead
of individual reflections. It is common practice to perform angular averaging over
this signal to obtain the scattering intensity 7(26). Utilizing the relation between

scattering angle and vector,

4
qg=lq| = ;Siné’ : (3.22)

one can instead plot I(q), which is independent of wavelength. For crystals, I(q)
typically shows a series of sharp peaks. The spacing of these peaks can then be used
to identify the type of the crystal lattice (e.g. hexagonal vs. different cubic lattices)
and to determine the unit cell dimensions. Lamellar structures for example give rise

to a series of equally spaced peaks.

The same principle can be applied to lipid multi-lamellar vesicles [214]. Of course,
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Figure 3.5: X-ray scattering intensities for DPPC in the Lg phase. a) Low-q range
corresponding to the MLV bilayer structure, enabling calculation of the bilayer repeat
distance d. b) High-¢ range indicating a distorted hexagonal unit cell with chain tilt for
the acyl tail region.

gel-phase MLVs are very different from standard crystalline materials, but long range
order persists in these systems and is reflected in the intensity profile I(g). In lipid
MLVs, two major “types” of order exist. First, the stacking of multiple bilayers in
MLVs results in periodicity along the bilayer normal, i.e. along the director. In
this case, d in equation 3.21 refers to the so-called repeat distance of the bilayers
as defined in Figure 3.5a. A plot of the low-q region of I(g) for a DPPC multi-
lamellar vesicle is shown in the same figure (data from Figure 1 in paper III; note
the similarity to DMPC in e.g. reference [215]). Here, DPPC is in the Lg phase.
As mentioned above, lamellar order results in a characteristic intensity profile with
equidistant peaks, and d can easily be determined by combining equations 3.21 and
3.22. Notably, the scattering peaks for DPPC are somewhat broad and the intensity
decays towards higher orders n. This phenomenon is intensified in L, bilayers (see
e.g. paper I). To explain this observation, the liquid-crystal character of lipid bilayers
needs to be considered [213, 214]. On one hand, MLVs consist of a finite number of

stacked bilayers. This fact results in broadened peaks according to the relation

2

L=t
Ag

(3.23)
where L refers to the size of the ordered domain (which is related to the number
of stacked bilayers, see Figure 3.5a), and Aq is the full-width-at-half-maximum
(FWHM) of a given peak. In addition, at high hydration, lipid bilayers are not
perfectly planar, but are subject to local fluctuations and large-scale undulations.
The increased disorder along the membrane director due to membrane undulations
replaces true long-range order with quasi-long-range order, resulting in intensity
loss for higher scattering orders n. Moreover, local disorder results in a broadening

of the electron distribution along the bilayer normal, which also affects the peak
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intensities. For lipid bilayers, the scattering intensity I(q) is related to the bilayer
structure by [216]

I(q) = S(@)|F(q))* (3.24)

where S(q) is the (unit cell) structure factor, and F'(¢q) the so-called form factor.

The form factor thereby is equal to the Fourier transform of the electron density,

e.g.

/2 '
F)= [, () expligs) dz (3.25)
for the 1-dimensional case along the bilayer normal (z-coordinate). The correct de-
termination of form factors is therefore essential for determining the electron density

profile p(z) of a lipid bilayer. Vice-versa, p affects F'(q) and therefore also I(q).

In principle, only the magnitude (not the phase) of the complex value F(q) is ob-
tained from the measured scattering intensity. However, for lipid bilayers, the phase
factors have been determined [216-219] and p(z) can be obtained via inverse Fourier
transformation of F'(q) [214, 216, 217, 220]. Using the electron density profile, it is
possible to determine the average distance between the phosphorous planes of the
two bilayer leaflets, dp_p, a quantity which is useful for comparing experimental

results with computer simulations.

The second type of information that can be obtained from standard X-ray scattering
experiments on lipid bilayers is related to the arrangement of the acyl chains. In
gel-phase lipids, the acyl tails are highly ordered and thus a two-dimensional unit
cell can be defined for the acyl tail region of a lipid bilayer [46]: For the L phase of
DPPC for example, the high-¢ region of I(q) shows a sharp peak with a shoulder at
approximately 1.5 A~ (Figure 3.5b). This peak position and shape is well known
to indicate two-dimensional, distorted hexagonal chain packing with chain tilt. The
sharp peak thereby corresponds to the distance sq9 &~ 4.20 — 4.25 A, which results
in distances acy ~ 4.80 — 4.86 A and by ~ 4.65 — 4.70 A at 20°C [46, 59, 66, 215,
221]. When chain tilt is removed, for example by addition of cholesterol [222] or
n-alkanes [137], the peak loses its shoulder and the chain packing becomes hexag-
onal [59, 223]. Thus, observation of the high-¢ peak can be useful to characterize
the mixing of lipids with additives. An example showing the effect of adding the
n-alkane C20 to DPPC bilayers is included in paper III.
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3.3 Cryogenic transmission electron microscopy

Cryogenic transmission electron microscopy (cryo-TEM) provides high-resolution
images of biological samples such as lipid vesicles and nanodiscs, membrane proteins
or viruses [224-229]. Importantly, vitrification of the sample at cryogenic tempera-
tures enables the study of biologically relevant structures with minimal perturbation
of the native state. TEM requires a thin sample, which is imaged using an electron
wave. This electron wave is scattered by electrostatic interactions with the nuclei
in the sample, resulting in contrast between high- and low-density regions in the
sample. A more detailed description of the different imaging mechanism and special
considerations can be found e.g. in reference [230]. For lipid vesicles in water, the
lipid bilayers are clearly visible due to the comparatively high density of the lipid
headgroup region [231]. If resolution and image contrast are good, it is possible to
identify both the headgroup- and hydrophobic region of the membranes. Examples

of such images are shown in paper I or in references [224, 232, 233].

Since TEM requires a vacuum environment to minimize scattering of the electron
beam outside of the sample, a rigid sample film has to be prepared [234]. For cryo-
TEM, this film is prepared by vitrification of aqueous solutions [224, 234, 235]: A
metal grid with hydrophilic surface coating, e.g. carbon coating, is wetted with the
lipid suspension. When excess water is removed using blotting paper, the holes in
the grid will be spanned by a thin film of the suspension. Vitrification is achieved
by rapidly plunging the grid into liquid ethane or propane, which have a high ther-
mal conductivity and sufficiently low freezing points. The sample grids then need
to be stored at temperatures below approximately 135 K, the temperature at which
vitrified water crystallizes to ice [236]. Since this “plunge-freezing” technique im-
mobilizes biological systems in a native state, cryo-TEM enables for example the
imaging of different membrane states. While liquid-crystalline lipid vesicles have a
smooth surface, rippled and gel-phase bilayers can be identified by wavy surfaces or

surfaces consisting of multiple planar sections, respectively [233, 237].

3.4 Differential scanning calorimetry

Differential scanning calorimetry (DSC) is a popular method to study phase transi-
tions in soft-matter systems since it allows to measure heat capacities and transition
enthalpies. Together with differential thermal analysis (DTA), DSC has been used
to derive transition temperatures between lipid or n-alkane phases for decades, see
e.g. references [56, 70, 91, 95, 238, 239]. This section summarizes the most relevant
concepts of DSC based on the detailed explanations provided in references [240-242],

unless otherwise noted.
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Phase transitions such as melting, crystallization and transitions from/to the gel
and rotator phase in lipids and n-alkanes are thermodynamic first-order transitions.
Consequently, they can be easily identified and characterized by changes of thermo-
dynamic quantities such as heat capacity or enthalpy. DSC allows to measure heat
capacities in one of two slightly different ways, depending on the instrument: Heat
flux DSC or power compensation DSC. Both modes compare the sample to a refer-
ence (which is often an empty aluminium pan), in order to determine the amount of
heat absorbed or released by the sample during a thermal transition. In heat flux
DSC instruments, sample and reference are heated (or cooled) in the same oven, and
the temperature of each pan is recorded during the heating/cooling process. During
a phase transition, the sample absorbs or generates heat, resulting in a temperature
difference between sample and reference pan. This measured temperature difference
is proportional to the heat absorbed/released by the sample. On the other hand,
power compensation DSC which was used in this thesis (Paper III) relies on heating
or cooling the sample and the reference in separate ovens. Instead of adding the
same amount of heat per time to both pans, the heating power for the sample is
changed based on the temperature difference measured between sample and refer-
ence. For example, once a sample reaches its melting temperature, additional heat
is required to overcome the attractive forces between crystal molecules, and to melt
the sample. Then, in order to keep the temperature of the sample the same as in the
reference pan, the heating power for the sample pan needs to be increased compared
to the reference power. The difference in heating power supplied to the two pans is
then related to the heat absorbed by the sample.

Generally, the heat flow to/from the sample & = Q/4 is recorded as a function
of time or temperature and can easily be transformed into the heat capacity (at

constant pressure) C,, by multiplication with the inverse heating/cooling rate 3:

C, = T o571 (3.26)
First order phase transitions are visible as a peak in the heat capacity, which yields
information on the temperature range of the transition. Second-order phase transi-
tions or the glass transition in polymers may also be observed as a step in the heat
capacity curve. The actual amount of heat absorbed/produced by the sample during
the transition, AH, is termed transition enthalpy or latent heat. It is obtained by

integrating C,, with respect to temperature in the transition range:

T to
AH = / C,dr = [ ®dt (3.27)
T1

t1

In this thesis, endothermic transitions (heat absorption by the sample, e.g. during

melting) are shown as positive peaks, while exothermic transitions (heat production
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as during crystallization) correspond to negative peaks/enthalpies. It is important
to note that the phase transition temperatures determined by DSC often depend on
the heating and cooling rates used during the experiment [243]. This effect can be
understood by considering that a change in sample structure takes a certain amount
of time to be realized. Thus, at higher rates, peaks may appear at later temperatures

because the structural change "can not keep up” with the temperature change.

DSC can also be used to investigate crystallization kinetics. This is usually done
by isothermal crystallization experiments, as described by Miiller and Michell [244].
In this kind of experiment, the sample is first equilibrated at high temperature and
then quickly cooled to certain temperature 7, below the melting temperature. This
temperature is kept constant for the remaining duration of the experiment and the
heat flow is recorded as a function of time. One can then determine the crystalline

fraction as a function of time, f(t), by

AH(t)

(3.28)

where AH;,q refers to the total transition enthalpy. f increases due to two dif-
ferent processes: nucleation and crystal growth. This can lead to an interesting
temperature dependence of the crystallization rate. At low T, molecular diffusion
is decreased, making it harder for free chains to reach the site of a nucleus. At
the same time however, nucleation is more efficient since nuclei are more likely to
reach the critical size needed to become stable. As a consequence, the dependence
of the crystallization rate on temperature can be used to identify which of the two
effects is dominant, as was done in paper III. If, for example, the crystallization rate
is faster at lower crystallization temperatures, molecular diffusion does not play a
large role in that temperature range. It is important to note that equation 3.28 can
also be used to calculate the fraction of converted molecules for any other thermal
first-order transition. For example, this method was used in paper III to determine
the amount of n-alkane in the rotator phase. However, if multiple transitions occur
during the isothermal step, or not all molecules in the sample are subjected to the

transition, this of course has to be taken into account.
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Chapter 4
Molecular dynamics simulations

Often, the understanding of a system or process can be improved by performing
computer simulations. For example, some quantities or properties of a system can
be difficult to obtain experimentally. When systems are complex, simulations help
to distinguish different effects from one another. Simulations also allow to predict
the properties of systems that are particularly difficult, or impossible, to realize ex-
perimentally, either due to preparation issues or extreme environmental conditions.
In biophysics, computer simulations have become an essential tool to supplement
experiments [245], and have for example been used to predict peptide and protein
structures [246—-248], investigate lipid-protein interactions [44], or study lipid droplet

formation [5].

4.1 General principles

Classic molecular dynamics (MD) simulations are based on Newton’s equations of
motion and thus present a deterministic simulation approach. This makes them
substantially different from e.g. Monte Carlo simulations which are stochastic in
nature. For the study of biomembranes it is often desirable to observe dynamic
properties (e.g. time correlation functions) and thus MD is the simulation method
of choice. General aspects of MD simulations are discussed in detail for example
by J. M. Haile [249], M. P. Allen [250] and in the extensive reference manual of the
GROMACS simulations software [251], and are summarized in this section. Since
the GROMACS software [252-254] makes MD simulations easily accessible, this
chapter highlights algorithms available in GROMACS in particular.

The aim of an MD simulation is to obtain the trajectory {r™(t), v" (¢)} with »V =
{r1,79,...,7n} for a system containing N particles. Then, various time-averaged,

structural and thermodynamic quantities A(r™(t), v™¥(t)) can be derived from this
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trajectory, according to

to+7

(A) = 7_11_)1210 \ A(r(t),v(t))dt . (4.1)
This includes for example kinetic energy, temperature, densities and order parame-
ters. Newton’s first law of motion states that a force acting on a particle is related

to its mass and acceleration by
Fir)y=m— . (4.2)

Consequently, if one could accurately define all the forces acting on a single particle
at a certain point in time t and space r, one might calculate the position of the
particle at time ty + At by e.g. a truncated Taylor expansion, provided that the
velocity v at time t is known and that the force remains constant during At:

r(t+ At) = r(t) + Atv(t) + A 1;(77? (4.3)
Clearly, if one considers a system of many thousands of particles, the forces will de-
pend on the relative positions of the particles to each other and they can be expected
to change continuously. However, if At is small, sufficiently realistic approximations
of the complete trajectory can be obtained by these so-called finite-difference meth-
ods. The velocity Verlet algorithm and the leap-frog algorithm are popular examples
of such methods for MD simulations. They are both adequately stable (i.e. the al-
gorithms do not amplify errors during propagation for a suitable range of values
At), and they only require updating the forces once per step At. As will be dis-
cussed further below, calculating the forces is computationally expensive and thus
this should be done as seldom as possible. The leap-frog algorithm for example is
based on calculating the positions and velocities at different time points according
to the following set of equations:

v(t + 1At) =t — 1At) + At F(t)
2 2 . m (4.4)
r(t+ At) =r(t) + Ato(t + §At)

Apart from estimating the total force on a particle, calculating the trajectory seems
straightforward. However, there are a number of additional points that should be
considered. First, the simulation algorithm requires a set of initial coordinates and
velocities. Importantly, depending on the simulation settings, it is not guaranteed
that the system will reach the expected (equilibrium) arrangement during the time of
the simulation if the initial configuration is far from equilibrium. Starting velocities

are usually chosen according to a Maxwell-Boltzmann distribution which defines the
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probability of finding a certain velocity v at the desired simulation temperature 7"

m mu?
_ _ 1
p(U) 27kaBT exp ( 2k33T> ( 5)

Here, kp is Boltzmann’s constant.

So far, generic particles of a certain mass have been discussed. In MD simulations,
particles are also defined by their charge and interaction potentials, as described in
the force field (see following section). Since classic MD simulations do not consider
quantum mechanical theories, the simulated particles should not be elementary par-
ticles, but rather atoms. However, in principle a particle may also refer to a select
group of atoms such as methyl or methylene groups, or even the complete head-
group of a lipid molecule. These two cases are usually referred to as united-atom
and coarse-grained simulations, respectively. In truly atomistic simulations, each
atom is a unique particle and thus such simulations provide the most detailed rep-
resentation of molecular structure. However, most observables (e.g. the C-H bond
order parameter) can be calculated from united-atom simulations as well [255, 256].
It should be noted here that even atomistic MD simulations are not designed to

describe excited electronic states, since electrons are inherently in the ground state.

Coarse-grained simulations also have certain advantages, the most important one
being the fact that a reduced number of particles necessarily shortens the com-
putation time and allows to simulate much larger systems or longer times. Thus,
united-atom and coarse-grained simulations are often used to model phase transi-
tions, large-scale structural changes and complex biological systems [15, 257, 258|.
While larger systems can be simulated using coarse-graining, the simulated system
is always of finite size. Clearly, if bulk substances are to be studied, a method to
determine inter- and intramolecular forces near the system edges needs to be found
in order to remove surface effects. This is achieved by introducing so-called periodic
boundary conditions (pbc): The simulated system is always confined to a (cubic or
rhombic) simulation box. Using pbc, this simulation box is surrounded by mirror
images of itself in a space-filling manner. Now, any atom close to the box edge is
effectively still surrounded by other atoms in all spatial directions, for the purpose
of calculating forces. In addition, if an atom leaves the simulation box during a
simulation step, at the same time the corresponding atom of a mirror image enters
the box from the opposite site. Since atoms of the mirror image behave exactly as

the original, mass and energy of the system are conserved with pbc.
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Figure 4.1: Bonded interaction potentials. a) Harmonic bond stretching and corre-
sponding Upeng as defined in equation 4.8, using k. = 258571.2kJmol 'nm ! and
rg = 0.1111nm (CHARMMS36 methylene C-H bond potential). b) Bond-angle vi-
bration and Urey-Bradley potential with ky = 297.064kJmol 'rad™!, 6y = 109.0°,
ky = 4518.72kJmol ' nm ! and by = 0.1802nm (values corresponding to CHARMMS36
methylene H-C-H angle). ¢) Dihedral angle orientation and potential according to equation
4.11, with kg = 0.79496 kJ mol !'rad !, ¢9 = 0°and n = 3 (e.g. CHARMMS36 methylene
H-C-C-H dihedral). All the calculated potentials are only valid for the shown sets of 2, 3
or 4 atoms, and do not include any summation of individual potentials.

4.1.1 Inter- and intramolecular forces

The force on a molecule 7 is given by the derivative of a potential function U:

ou

Fi=—
07“@-

(4.6)

For atomistic MD simulations, U is generally defined as the superposition of various

bonded and non-bonded interactions:

U = Ubond + Uangle + Utorsion + ULJ + UCoulomb (47)

The form of these potentials, as well as the complete set of interaction parameters
used to describe them, is referred to as the force field. Bonded interactions are
represented by the first three terms of equation 4.7 and refer to potentials arising
from the local conformation of a molecule. Commonly, the bonded interactions are
separated into bond-, angle- and torsion-angle/dihedral contributions. For example,

bond stretching can be described by a harmonic potential,

1
Ubond = Z Ekr(r - T0)2 ; (48)

bonds
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where k, is the force constant, r is the bond length, and ry is the equilibrium bond
length (Figure 4.1a). Importantly, most atoms are bonded to more than one other
atom, which is signified by the sum in the equation. Similarly, the potential of the

bond-angle vibration may be defined as

1
Uangle = Z §k9<9 - 90)2 (49)
angles
or
1 2 1 2
Uangle = Z 51{:9(9 - 90) + §kb(b - bO) : (410)
angles

Here, equation 4.10 gives the Urey-Bradley potential for bond-angle vibrations which
includes a correction term for bond-length fluctuations, as shown in Figure 4.1b.
The periodic (proper) dihedral potential defines the trans (¢ = 180°) and gauche

(¢ = £60°) configurations of a molecule, and is often given by

Usorsion = Z ks(1 + cos(ng — ¢5)) (4.11)

dihedrals

though other functional descriptions may be chosen [251]. Shown in Figure 4.1c is
the dihedral potential for a single set of four atoms (e.g. a lipid methylene H-C-C-H

sequence).

The non-bonded (or intermolecular) interactions are usually represented by the
Lennard-Jones (LJ) and Coulomb potentials. The LJ potential combines short-
range overlap repulsion and attractive van-der-Waals/long-range dispersion forces:

Oij

Uy = 24%’((*)12 — (

i#j Tij

:j)ﬁ) (4.12)
The LJ potential is determined by the parameters € and o, defining the depth and
position of the energy minimum of Uy, respectively. The sum has to be taken over
all atom pairs ¢ # j in the system, but usually excludes bonded pairs, i.e. atoms
up to three bonds apart, which is considered by the bonded interaction potential
parameters. As will be discussed in section 4.2.1, so-called 1-4 interactions, i.e.
interactions between pairs separated by exactly three bonds, are often specified sep-
arately in a force field. The calculation of dispersion forces has one major problem:
The LJ potential only reaches zero at infinity. Clearly, calculating the forces between
all possible atom pairs in the simulated system is computationally much too expen-
sive (even when ignoring the issue of finite system size). However, simply ignoring
contributions from pairs separated by larger distances will add a discontinuity which
may ultimately result in a violation of energy conservation. The standard method to

avoid this problem is the use of shifted or switched potentials/forces. For example,
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in the case of force-switching, the absolute force between atoms i and j, FL/(r;),

is modified according to

FLJ(’T‘Z']') Tij < Tswitch
Fs%v{tch(rij) = FLJ(T'L']') + S(n’j) Tswitch < Tij < Tvdw (413)
0 'vdw S Tij

where S(r;;) is e.g. a third-degree polynomial which is smooth at the boundaries
Tswiteh and 7ryqy. Clearly, even though long-range dispersion forces are weak, disre-
garding them can result in errors. In recent years, an alternative long-range treat-
ment for LJ dispersion forces has been developed based on the particle-mesh Ewald
(PME) lattice-summation method [259-262]. PME is a well-known algorithm often
used to account for long-range electrostatic interactions [263, 264]. While it can
in principle be applied to any interaction for which the potential decays with =,
a > 1, adapting PME for the LJ dispersion forces has been challenging. Thus, it is

not (yet) available for e.g. all the different lipid force fields.

The potential corresponding to the electrostatic interactions takes the form

UCoulomb - Z 4 . (414)

it 47T6()T‘ij

Here, ¢;/; are the partial atom charges, € is the vacuum permittivity and r;; is
the distance between two atoms ¢ and j. Similar to the LJ potential, the Coulomb
potential extends to large distances r;;. It is common practice to consider long-range

electrostatic interactions via the PME algorithm.

It should be noted that usually every atom/particle has a distinct partial charge.
This point charge remains centered on the particle during the simulation and thus
polarization effects can not be treated under normal circumstances. Specifically
designed, polarizable force fields exist [265, 266], but are not discussed further here.

4.1.2 Temperature- and pressure coupling

Equilibrium MD simulations consider an isolated system of N molecules in a sim-
ulation box of volume V. Such simulations conserve energy, with total energy
E = Ey, + U, resulting in a microcanonical (NVE) ensemble. However, experimen-
tally measurable thermodynamic quantities are often formulated in the canonical
(NVT) ensemble, at constant temperature 7. This includes for example the heat

capacity, which is defined via fluctuations of total energy,

1

Cv = kpT?

(E—(E)")) . (4.15)
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In fact, a comparison with experimental results is usually most easy for NPT en-
sembles, since experiments are often conducted at constant ambient pressure. In
order to perform MD simulations in an NVT or NPT ensemble, one makes use
of temperature- and pressure coupling techniques. NVT ensembles are realized by
temperature coupling algorithms alone, such as e.g. the Berendsen- [267], velocity-
rescaling- [268] or Nosé-Hoover thermostats [269, 270]. The velocity-rescaling al-
gorithm is an extension of the Berendsen thermostat; both rescale the velocities
(e.g. kinetic energies) of all particles after each step At by a certain factor. As a
result, the temperature deviation decays exponentially with simulation time. How-
ever, this simple rescaling approach results in incorrect sampling of the canonical
ensemble, and thus computed quantities related to (energy) fluctuations such as the
heat capacity may not be correct. The velocity-rescaling algorithm therefore adds a
correction to the kinetic energy, such that a proper canonical ensemble is realized.
The Nosé-Hoover thermostat does not rescale velocities, but instead introduces a
friction coefficient into the equations of motion. This friction coefficient in turn
has a time-dependent momentum which changes with the temperature deviation,
resulting in an oscillatory approximation of the desired temperature. In NVE simu-
lations, energy conservation is generally used for monitoring, and as an indicator for
simulation errors. The temperature-coupling schemes presented here also allow the

formulation of a conserved quantity that can be monitored instead of total energy.

For pressure coupling, the Berendsen barostat functions in the same manner as the
respective thermostat [267], except using a reference pressure tensor instead of a ref-
erence temperature. Then, this reference pressure is approached exponentially with
time by a continuous adjustment of the box dimensions and atom positions between
simulation steps. However, again this algorithm does not provide the correct en-
semble. An alternative is provided by the Parinello-Rahman pressure coupling [271,
272] which defines an equation of motion for the box dimensions, and also ad-
justs the particle velocities similarly to the Nosé-Hoover thermostat. In practice it
can be beneficial to combine Berendsen pressure coupling during equilibration with

Parinello-Rahman coupling during the production run.

4.1.3 Additional considerations

It is essential to find a suitable time step At that allows to capture even the fastest
motions and does not obstruct energy conservation, but is also sufficiently large
to enable efficient computing. Importantly, the atomic bond vibrations in organic
substances generally have very high frequencies (v 2 kgT'/h), and thus they should
be described by quantum mechanics rather than classic theories. Consequently,
in MD simulations atom bonds are often constraint to certain bond length after

each simulation step. Examples for such constraint algorithms are SHAKE [273],
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SETTLE [274] or LINCS [275].

Finally, the total simulation time needs to be sufficiently long in order to accurately
approximate the time-average given in equation 4.1. This time should approximately

be longer than a few multiples of the correlation time corresponding to the property.

4.2 Lipid membrane simulations

Many simulations of biomembranes focus on describing the structure and dynam-
ics of membrane proteins in their native environment. However, for such studies
to provide realistic results it is essential to have an accurate representation of the
membrane lipid environment. Moreover, the properties of different lipid types, and
mixtures thereof, may strongly influence the behaviour of other membrane con-
stituents. In order to accurately model lipid membranes with MD simulations, it is
essential to use a suitable force field. This is becoming increasingly important as

the simulated membranes become more and more complex [78, 257, 276].

4.2.1 Lipid force fields

Selecting the best lipid force field is no easy task, considering the variety of force
fields that have been developed to date. Comprehensive reviews discussing the avail-
able force fields for lipid membrane simulations have been published for example by
A. P. Lyubartsev and A. L. Rabinovich in 2016 [277], as well as by A. Leonard
et al. [278] or S. J. Marrink et al. [257] in 2019. Even though certain updates
have been made in more recent years, e.g. to the CHARMM force field [262, 276],
the force fields presented in these reviews are still widely used and implemented into
common simulation software tools such as CHARMM [279], NAMD [280] and GRO-
MACS [252-254]. In the context of the NMRIipids project (nmrlipids.blogspot.com),
an open-science collaboration across several research groups, the advantages and
disadvantages of the different well-known lipid force fields have been evaluated by
comparison with experimental results. Notably, the comparison with e.g. NMR or-
der parameters and form factors from x-ray scattering has shown that all these force
fields have certain deficiencies [256, 281-284]. In other words, the best force field
to be used may depend on membrane composition as well as the scientific question
to be answered. Currently, efforts are being made to provide a robust solution to
finding optimal force fields, utilizing a large communal databank of simulations and

experiments [285].

The most widely used all-atom force fields for lipids can be sorted into the CHARMM,
AMBER and OPLS families. Within these families, compatible force field para-
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metrizations exist for various biomolecules and can be combined to model complex
membranes. The method of force field parametrization varies somewhat between
the families, resulting in unique force fields. For example, CHARMM force fields
rely on parametrization via ab-initio quantum-mechanic calculations on small model
compounds in the gas phase [278, 286, 287|. In practice, the selection of a force field
will likely be based on the availability of a reliable parameter set for the target

molecule, as well as personal taste.

Two force fields are described in more detail here: the CHARMMS36 [287] and
Slipids [288, 289] force fields. CHARMMS36 belongs to the CHARMM family and
represents a recent force field version that overcomes previous limitations to cor-
rectly reproduce the area-per-lipid in NPT ensembles. This force field is however
still dependent on a cut-off scheme for the LJ potential, which is only addressed in
more recent updates [261, 262, 276]. The bonded and non-bonded potentials used
in the CHARMM36 force field are described by the equations given in section 4.1.1,
using the Urey-Bradley angle potential. In addition, so-called improper dihedrals
which are used to fix certain planar groups (e.g. aromatic rings) or maintain chiral
centers, are included for the carbonyl groups connecting the glycerol backbone to the

lipid tails. The improper dihedral potential thereby is a simple harmonic potential.

CHARMMS36 is known to yield the most realistic order parameters for PC head-
groups out of the commonly used lipid force fields [256]. It also reliably approximates
the acyl chain ordering, area-per-lipid (apl) and x-ray scattering form factors [287],
as well as NMR relaxation times [172]. However, it was found that area-per-lipid and
chain ordering depend slightly on the simulation software used, as discussed by Lee
et al. [290]. For example, GROMACS was found to result in slightly higher acyl tail
ordering compared to the CHARMM or NAMD softwares, for which CHARMMS36
was designed originally. Lee et al. argue that this is likely due to the manner in which
cut-offs for long-range dispersion forces are treated in the different softwares. Using
a PME algorithm for the LJ interactions, as implemented in the newer CHARMM
modifications [261, 262, 276], should mitigate this problem. A comparison of sim-
ulation results obtained with and without the LJ-PME treatment in GROMACS
is shown in Figure 4.2a. The use of LJ-PME results in slightly decreased acyl tail

ordering which is reflected in slightly larger area-per-lipid and smaller thickness.

The Slipids force field is based on the CHARMMS36 force field, but a number of
changes have been made to the parameters [288]. Partial charges have been re-
calculated using the RESP scheme [291] based on quantum-mechanical calculations
of the electrostatic potential around hexadecane molecules (for the acyl tails) or the
DMPC headgroup (for the headgroup charges). As a result, the methylene carbons
and protons in the lipid acyl tails each have a zero net charge, which is considerably
different from the CHARMMS36 partial charges. In addition, in the Slipids force
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field the Coulomb interactions between atoms connected via exactly three bonds are
scaled down by a “fudge” factor, foo = 0.8333. This is considered via an additional

term in the potential, written as

4iq;
Ucoulomb,1-4 = . 4.16
Coulomb,1—4 fQQ§147TEOTij (4.16)
These so-called 1-4 interactions are also considered in the CHARMMS36 force field,
albeit with foo = 1.0. The same method of deriving the partial charges in the
Slipids force field is also used in the AMBER family of force fields, and thus it
is expected that Slipids can be combined with AMBER parametrizations of other

(non-lipid) molecules in order to simulate complex biological membranes.

In addition to the partial charges, Slipids also uses slightly different parameters
for the Lennard-Jones and torsional potentials along the lipid acyl tails. The LJ
parameters were thereby derived by fitting experimental heats of vaporization and
densities of different n-alkanes, and the LJ interactions between hydrogen atoms in

the lipid tails were scaled according to

Unsa-s = frs 346 (CD)2 = (Z2)%) (4.17)
1-4 Tij Tij
with fr; = 0.5. Torsional parameters were obtained from ab-initio calculations of
the potential energy surface of octane. The resulting Slipids force field models the
hydrophobic bilayer region very well, and reproduces experimental order parameters,
bilayer thickness and form factors [288, 289]. However, there were slight deviations
from experimental order parameters in the headgroup region [256], resulting in an
update to the force field in 2020 [292]. As shown in Figure 4.2a, Slipids simulation
results are somewhat different from CHARMMS36 results. This observation, as well
as the resulting consequences for n-alkane simulations, are discussed in detail in

paper II.

4.2.2 Observables and block averaging

As described by equation 4.1, MD simulations yield time-averaged quantities. How-
ever, only quantities with correlation times that are short compared to the simula-
tion time can be estimated reliably. Since lipid membrane systems usually contain
around a hundred lipids or more, certain molecular properties can also be obtained
via an ensemble average. In ergodic systems, the ensemble average then compli-
ments the time average. For example, it is straightforward to obtain the C-H bond
order parameters from atomistic simulations: One simply needs to determine the
angles 0., (at every time point and for every lipid molecule) and evaluate equation

2.1. Figure 4.2a shows order parameters calculated in this manner for DPPC. The

48



a) b) sim data (A;)
0.259 = 0.66+ 3.95- = mean

~ 0.75 —block averages (A'))
‘--E'E. 3.90 { 20.703
024 "4 ' =9
=9 LY ] = —
ilgeg 0.65- 50651 — = - -
§ ot i COONE i ==
¢ i o g 3.851 0.60-
0.15{ §§ I g c 3
I ‘ -~ 0.55+ LN L L L L L I AL |
S . $ 8 =oes o 3:801 0 50 100 150 200
01{ E r 2 o time/ ns
L 3.75- N X103
ipi ¢ o063 g
0.054 ESLIpIdS . S 50
# CHARMM36 37043 = _
» —_ block averaging
CHARMM36 L}-PME ® S 1.05 — SEM
0.0 T T T 0.62- 3.65- = 1 — wrong SEM
0 5 10 15 & 0.03 —

" 20 N

_ 10
Carbon index block length / ns

Figure 4.2: MD simulation results. a) Comparison of different lipid force fields. Scy, area-
per-lipid (apl) and bilayer thickness dp_p of DPPC bilayers (72 lipid molecules) calculated
from simulations with three force fields: Slipids, CHARMMS36 (with force switch between
1.0 and 1.2nm for the LJ potential), and CHARMM36 with LJ-PME. Simulations were
conducted with GROMACS, at 60°C and with 19 water molecules per lipid, 100ns run
time. Error bars for Scy show the standard deviation across equivalent C-H bonds, and for
apl and dp_p show the standard error of the mean (SEM) determined by block averaging.
Experimental results for DPPC at 50°C are approx. 0.63nm? and 3.8nm for apl and
dp_p, respectively [293]. b) Block-averaging. Top: Apl calculated for each frame of a
CHARMM36 simulation of 72 DPPC molecules (70°C and 19 water molecules per lipid,
200ns with 100ns equilibration), as well as calculated mean over 200ns (black) and over
blocks of length 4ns (pink). Bottom: SEM obtained from block averaging, as a function
of block size (equations 4.18 and 4.19). The SEM obtained w/o block averaging, i.e.
assuming the data to be uncorrelated, is shown for reference as a black line.

error bars thereby show the variation across equivalent C-H bonds (i.e. two bonds

per acyl tail methylene, resulting in a total of four equivalent bonds from the two
hydrocarbon tails of DPPC).

Other commonly evaluated parameters are the area-per-lipid (apl) and bilayer thick-
ness (dp_p), also shown in Figure 4.2a. The area-per-lipid can be calculated from
the size of the simulation box in the bilayer plane, i.e. by dividing the box area by
the number of lipids per bilayer. Accordingly, dp_p can be estimated by determin-
ing the average z-coordinates of the phosphorous atoms in the two bilayer leaflets
and calculating the difference. Using such approaches, one observes that apl and
dp_p strongly fluctuate during the simulation (see Figure 4.2b). The mean value
of this fluctuation is easily calculated, but in order to determine the standard error
of this mean (SEM) it is necessary to make use of so-called block averaging tech-
niques [294], also illustrated in Figure 4.2b. The procedure is explained as follows:
The simulation data results in a time-series of n calculated values A; with mean
(A)y = A =1/," | A; (an approximation of the expectation value). In this time-
series the individual observations A; are not independent, which prohibits the use

of standard equations for the SEM. However, one can divide the simulation into N,

49



individual sets (i.e. blocks), containing n, data points each. Then, we define the
mean in block j as A%, j = 1,2,..., Ny. If the blocks are sufficiently large, the values
A’ should be uncorrelated and one can determine the standard error of the mean of

A as a function of block size:

oa\n
0 4(ny) = ?Vb( _b)l (4.18)
with
1 X _
o (ny) = N, 1 > (A — A)2 (4.19)
j=1

The plot of g 3(ny) vs. n, should reach a plateau at larger values of n,, as shown in
the bottom plot of Figure 4.2b. Then, the plateau value is equal to the SEM of (A).
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Chapter 5

Results

The aim of this thesis is the characterization of a model system for long, purely
hydrophobic molecules inside lipid membranes. The miscibility, molecular arrange-
ment and crystallizability of three different n-alkanes (lengths 10, 20 and 30 carbons)
are studied in different lipid membranes, and the effects of hydrophobic chain length

and sample hydration are discussed.

The experimental and simulated results of this thesis are summarized in three re-
search articles, which were published previously as indicated. In this chapter, each
article is reprinted with permission and briefly put into context. The most impor-
tant findings and author contributions are listed. Overall conclusions derived from

the results are presented in the combined summary in chapter 6.
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5.1 Paper I: Filling the Gap with Long n-Alkanes:
Incorporation of C20 and C30 into Phospho-
lipid Membranes'

In the 1980’s, Pope et al. [24, 25, 149] investigated the miscibility of n-alkanes
up to 19 carbons in length with different phospholipid bilayers. For example, they
monitored the existence of isotropic n-alkanes pools as function of n-alkane and lipid
tail length by means of ?H NMR. They observed that the miscibility of n-alkanes
in DMPC and DPPC bilayers dropped notably and continuously when the n-alkane
chain length increased beyond 12 carbons in length. Since then, the miscibility of

longer n-alkanes (C20 or longer) with lipid bilayers has not been studied further.

In this paper, we build upon the findings presented by Pope et al. [25], and ex-
tend their miscibility study to include n-eicosane (C20) and n-triacontane (C30).
The well characterized n-decane (C10) is thereby used as a reference for shorter
n-alkanes. Lipid membranes consist of DMPC or DPPC, and two different levels
of hydration are investigated (below and above the excess water limit of the lipid
bilayers). Moreover, the effect of chain length on miscibility is evaluated in terms
of n-alkane volume fraction. Using 2H NMR, 3'P NMR, 'H-'*C dipolar recoupling
NMR, X-ray scattering, cryogenic electron microscopy and atomistic MD simula-
tions, we show that C20 and C30 mix with the lipid membranes up to a critical
alkane-to-acyl-chain volume fraction, ¢.. ¢. depends on n-alkane and lipid acyl tail
length, as well as sample hydration. Lipid order parameters are not affected by
the presence of n-alkanes in any sample. However, in the excess water regime the
addition of very low amounts of n-alkanes results in a notable decrease in vesicle

diameter, suggesting that unilamellar vesicles or alkane droplets are formed.

The author contributions to this article are as follows: AW and TMF designed and
managed the project. AW and in part EP (as part of his Bachelor thesis project
and supervised by AW) prepared the samples. AW performed and analyzed the
NMR experiments and MD simulations with guidance from TMF. MO and AW
performed and analyzed the X-ray scattering experiments. AM and FH prepared
and performed the cryo-EM measurements. All authors interpreted and discussed

the results. AW and TMF wrote the manuscript, with input from all authors.

'Reprinted with permission from: “Filling the Gap with Long n-Alkanes: In-
corporation of C20 and C30 into Phospholipid Membranes”, Anika Wurl, Maria
Ott, Eric Plato, Annette Meister, Farzad Hamdi, Panagiotis L. Kastritis, Alfred
Blume, and Tiago M. Ferreira. Langmuir 2022, 38, 28, 8595-8606. Copyright 2022
American Chemical Society [37]. The link to the article on the publisher website is
https://doi.org/10.1021 /acs.langmuir.2c00872 . No changes were made.
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Filling the Gap with Long n-Alkanes: Incorporation of C20 and C30
into Phospholipid Membranes

Anika Wurl,* Maria Ott, Eric Plato, Annette Meister, Farzad Hamdi, Panagiotis L. Kastritis,
Alfred Blume, and Tiago M. Ferreira*

Cite This: Langmuir 2022, 38, 8595-8606 I: I Read Online
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ABSTRACT: Investigating how hydrophobic molecules mix with + C20 or C30

phospholipid bilayers and how they affect membrane properties is
commonplace in biophysics. Despite this, a molecular-level empirical
description of a membrane model as simple as a phospholipid
bilayer with long linear hydrophobic chains incorporated is still
missing. Here, we present an unprecedented molecular character-
ization of the incorporation of two long n-alkanes, n-eicosane (C20)
and n-triacontane (C30) with 20 and 30 carbons, respectively, in
phosphatidylcholine (PC) bilayers using a combination of

“Z o,
~0,

O

-

experimental techniques (*H NMR, *'P NMR, 'H-"*C dipolar B72 Bxxyy 62z Biso Bxx.yy
recoupling solid-state NMR, X-ray scattering, and cryogenic electron 5(3'P) ' 5(31P) '

microscopy) and atomistic molecular dynamics (MD) simulations.
At low hydration, deuterated C20 and C30 yield *H NMR spectra
evidencing anisotropic-motion, which demonstrates their miscibility in PC membranes up to a critical alkane-to-acyl-chain volume
fraction, ¢b.. The acquired *H NMR spectra of C20 and C30 have notably different lineshapes. At low alkane volume fractions below
¢, CHARMM36 MD simulations predict such *H NMR spectra qualitatively and thus enable an atomistic-level interpretation of the
spectra. Above ¢, the ’H NMR lineshapes become characteristic of motions in the intermediate-regime that, together with the MD
simulation results, suggest the onset of immiscibility between the alkane molecules and the acyl chains. For all the systems
investigated, the phospholipid molecular structure is unperturbed by the presence of the alkanes. However, at conditions of excess
hydration and at surprisingly low alkane fractions below ¢, a peak characteristic of isotropic motion is observed in both the *H
spectra of the alkanes and *'P spectra of the phospholipids, strongly indicating that the incorporation of the alkanes induces a
reduction on the average radius of the lipid vesicles.

Bl INTRODUCTION Here, we focus on the case of incorporating hydrophobic
linear chains in a lipid membrane, namely, the incorporation of
long n-alkanes in phospholipid bilayers. The influence of n-
alkanes on lipid membranes has been investigated for many
decades due to their anesthetic properties,”* >’ but molecular
principles are still under debate. An apparent cutoff of
anesthetic potency was observed for n-alkanes with chain
lengths longer than 8 carbons.”® Such cutoff is controversial®’
and in contrast with the expectation that the anesthetic
potency should increase with lipophilicity according to the
Meyer—Overtone rule.”

The most recent and detailed studies on phospholipid/n-
alkane systems were motivated by the n-alkanes’ simple

Phospholipid membranes are the basis for cellular compart-
mentalization and a key element in cellular transport, energy
storage, signaling, growth regulation, and possibly processes
that are unknown at present.”” Consequently, a great deal of
molecular details from phospholipid membranes in biologically
relevant conditions have been investigated. Prominent
examples are the effects of cholesterol on membrane fluidity
and phase behavior,”™” distinct mechanisms of interaction
between amphiphilic peptides and membranes,” "' and from
lipidomics.'”'> However, a fundamental molecular-level
description on how hydrophobic/amphiphilic molecules
interact with lipid membranes and affect bilayer properties is
only now emerging, enabled by the ongoing progress and

combination of both experimental and molecular dynamics Received:  April 4, 2022
(MD) simulation techniques.'*™" Such recent developments Revised:  May 20, 2022
will hopefully help to better understand how cells operate on a Published: July S, 2022

membrane composition level but also how lipid-based systems
used in applications such as drug delivery”” or more recently
mRNA-lipid nanoparticles*® can be optimized.

© 2022 The Authors. Published b
American Chemical Societz https://doi.org/10.1021/acs.langmuir.2c00872

W ACS PUb| ications 8595 Langmuir 2022, 38, 8595—8606
53



Langmuir

pubs.acs.org/Langmuir

chemical structure and the ease with which their hydrophobic
chain length can be varied, making these molecules an ideal
model for fundamental investigations of the effect of linear
hydrophobic chains on phospholipid bilayers.*’ >

Calorimetry measurements show that linear alkanes of
different chain lengths affect the lipid phase behavior in distinct
ways. Short-chain n-alkanes up to approximately 12 carbons in
length decrease the gel-to-liquid crystalline phase transition
temperature T, of a number of biologically relevant
phospholipids.*>”’~* As the chain length of the n-alkanes
approaches the acyl chain length of the lipids, the transition
shifts to higher temperatures most likely due to a stabilization
of the gel-phase as suggested by the strong increase of the
bilayer bending rigidity below T,.>*" The lipid headgroup
structure further influences to what degree alkane addition
affects the transition temperature.”’ Both the phase behavior
and the mechanical properties of alkane-containing bilayers
should depend on the exact location of the n-alkane chains
with respect to the phospholipid molecules. The molecular
arrangement of n-alkanes in lipid membranes has consequently
been addressed in a variety of studies, with partly conflicting
results. A number of studies indicated that short n-alkanes (less
than 12 carbons) accumulate in the bilayer center, while n-
alkanes with similar lengths to the lipid acyl chains either
arrange parallel to the phospholipid acyl chains or are
immiscible.””7**»* Opposing observations have recently
been made by Usuda et al,** suggesting that longer n-alkanes
are preferentially located in the bilayer center, while short
chains are dispersed throughout the membrane. Usuda et al.
reasonably pointed out that such differences in findings may be
related to variations of the amount of n-alkane actually mixed
with the phospholipid bilayers, as theoretically predicted by
Gruen et al.**

Surprisingly, neither experimental nor computational
systematic investigations of the effect of long n-alkanes with
different chain lengths under similar conditions, such as alkane-
to-acyl-chain volume fraction, were reported to date. Here, we
refer to long n-alkanes as those that have melting temperatures
above the physiological temperature 37 °C which is the
melting temperature of n-eicosane, the 20 carbon long linear
alkane. A more complex behavior should be expected for these
alkanes under physiological conditions due to the interplay
between the enthalpic gain of crystallization and the entropy of
mixing with the lipid acyl chains.

Previous works by Pope et al.* suggest that the mixing of
long n-alkanes with lamellar phospholipid bilayers is unlikely,
however, n-eicosane has been found to promote the formation
of inverted hexagonal phases, similar to shorter n-alkanes.**~*
More recently, coarse-grain MD simulation studies showed a
tendency of long polymeric polyethylene chains (which were
effectively a 80 carbon length n-alkane) to phase separate from
the acyl chains as a lens-shaped oil droplet in between the
bilayer leaflets.”” As of now, there are no systematic
experimental investigations or MD simulations on the
incorporation of long n-alkanes with chain lengths between
20 and 80 carbons in lipid bilayers. Toward filling this gap, in
this work, we investigate the behavior of two long linear
alkanes — n-eicosane (C20) and n-triacontane (C30) with a
length of 20 and 30 carbons, respectively — in contact with
dimyristoylphosphatidylcholine (DMPC) and dipalmitoyl-
phosphatidylcholine (DPPC) membranes with acyl tail lengths
of 14 and 16 carbons, respectively. We do this at different
levels of hydration, performing a detailed and unprecedented
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characterization of the molecular structure of C20 and C30
under such conditions and how they affect membrane
properties. We expect that such an investigation is a good
starting point for studying the effects of even longer chains, e.g.
polymers, on cell and model membrane structure, which is
relevant for biological applications and for understanding the
effects of microplastic pollution on a microcopic level.

To characterize the systems with atomistic detail we use a
combination of techniques, namely, ’H NMR spectroscopy of
deuterated C20 and C30, 3'P NMR and 'H-13C dipolar
recoupling solid-state NMR of the phospholipid molecules, X-
ray scattering, cryogenic electron microscopy, and all-atom
MD simulations.

The *H NMR spectra presented demonstrate that both C20
and C30 incorporate in the phospholipid membranes. We
present a molecular interpretation of such spectra based on the
MD simulations performed and investigate the effects of the
alkane chains on the properties of the membranes. A combined
analysis of all the results obtained shows that, although the
molecular structure of the phospholipids is not affected by the
n-alkanes, a small amount of incorporated long n-alkane chains
leads to a drastic change on the overall dimensions of the
multilamellar vesicles at biologically relevant hydration levels.

B METHODS

Sample Preparation. 1,2-Dipalmitoyl-sn-glycero-3-phosphocho-
line (DPPC) and 1,2-dimyristoyl-sn-glycero-3-phosphocholine
(DMPC) were purchased from Avanti Polar Lipids. n-Decane, n-
eicosane, and n-triacontane, as well as their perdeuterated counter-
parts, were obtained from Sigma-Aldrich. Chloroform was purchased
from Carl Roth. All substances were used without further purification.
The samples were prepared in different ways depending on the lipid/
alkane system and the experimental technique used. In the following,
we explain the preparation of samples investigated by NMR.
Differences in sample preparation for the other experimental
techniques are noted in the respective methods sections below.

MLVs with n-Decane. Samples containing n-decane were prepared
by simply adding 10—40 vol % n-decane (alkane/lipid acyl chains) to
powdered DPPC. The n-decane/lipid mixtures were then briefly
mixed at room temperature with a thin metal rod before adding
deionized water to achieve a water content of n,, & 7 (water molecules
per lipid). Subsequently, the samples were repeatedly centrifuged and
mixed by hand at 50 °C until homogeneous upon visual inspection.

MLVs with n-Eicosane and n-Triacontane. For preparing the
samples with the long n-alkanes, lipid films were created by
codissolving DMPC or DPPC and the desired amount of n-alkane
(2.5—37 vol % and 2.5—5 vol % for n-eicosane and n-triacontane,
respectively) in chloroform. The solvent was evaporated under a
nitrogen stream, while simultaneously sonicating the solution in a
heatbath above the melting temperatures of the individual
components. Lipid films were then dried overnight at reduced
pressure. Different methods for hydrating the samples were used.
Excess hydration: For obtaining samples above the limit of water
saturation (excess water), 200 wt % of deionized H,O were added to
the powder obtained from the lipid films. The mixtures were
equilibrated for 1—3 h above the melting temperatures of lipid and n-
alkane, with occasional mixing. The samples were then centrifuged
and the resulting lipid pellet was used. Low hydration: For DMPC
samples, the lipid films were placed in a desiccator of approximately 1
L volume at room temperature, containing about 2 mL of water.
Samples were kept in the evacuated desiccator for at least 1 day,
resulting in a homogeneous hydration of about 9—14 water molecules
per lipid. For the DPPC films, hydration in a desiccator yielded a very
low number of water molecules per lipid (n,, & 4) most likely because
of the higher melting temperature of DPPC in comparison to DMPC.
Therefore, the low hydration levels in DPPC samples were adjusted
by weighting the appropriate water amounts, aiming for a water

https://doi.org/10.1021/acs.langmuir.2c00872
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content of 18 water molecules per lipid. This procedure resulted in
hydration levels of n, = 11—18. All samples were centrifuged into
magic-angle-spinning (MAS) rotor inserts (Bruker) fitting approx-
imately 20 mg. The final sample hydration of each sample was
quantified by "H MAS NMR.

Solid-State NMR Experiments. Static ’H NMR measurements
were performed at a *H Larmor frequency of 61.40 MHz with a 5 mm
broad-band probe. For *H, a quadrupole echo sequence® using a 90°
pulse of 4.2 or 4.3 pis, a 40 ps delay, and a relaxation delay >0.5 s was
employed. Between 8192 and 20480 scans were accumulated with a
spectral width of 1 MHz. Free-induction decay (FID) signals were
processed and Fourier-tranformed using Matlab, starting from the
echo maximum.

Static 3'P NMR measurements were performed at a >'P Larmor
frequency of 162.08 MHz and consisted of single-pulse and Hahn-
echo experiments with a 90° pulse duration of 4.4—4.7 us, proton
decoupling, and a recycle delay >S5 s.

'H and R-type proton detected local field (R-PDLF) experiments
were conducted under 5 kHz MAS using a standard 4 mm double-
resonance MAS probe. All measurements were conducted on a Bruker
Avance III 400 spectrometer operating at a 'H Larmor frequency of
399.92 MHz.

Single-scan '"H spectra with a spectral width of 100 kHz were
acquired at temperatures between 30 and 60 °C. FIDs were zero-filled
to two times the original number of points. After Fourier transform,
lipid and water peaks were fitted with Lorentzian lineshapes and the
water content was calculated from the peak integrals.

R-PDLF experiments were conducted to quantify "H—"3C residual
dipolar couplings. The R-PDLF sequence was combined with a
refocused INEPT, as outlined in ref SI, and performed using
recoupling blocks of type R18].>> Sample heating due to the RE-
pulses was monitored by observing the variation of the 'H chemical
shift of water and was <2 K. Dipolar splittings Av were obtained by
2D Fourier transform and relate to the C—H bond order parameter

Scu by

dey _ Av
ey, 0315215 kHz

IScul =

(1)

where dy is the magnitude of the motion-averaged dipolar coupling
of the given C—H bond, dcy; is the magnitude of the static dipolar
coupling of a C—H bond (dcy, ~ 21.5 kHz), and 0.315 is the
effective scaling factor of the R-PDLF sequence.’’ An exemplary data
set is shown in Figure 6 to illustrate the procedure. Peaks in the
crowded spectral region between 29.4 and 31.0 ppm were assigned
such that the order parameter profile resembled those known from
literature.*>

MD Simulations. Molecular dynamics simulations were per-
formed with GROMACS.** Systems were each composed of one
hydrated bilayer containing 72 DPPC molecules and varying numbers
of n-alkane chains. Alkane concentrations ranged from 0 to 30 vol %
for n-decane and n-eicosane, and from 0 to S vol % for n-triacontane.
For n-triacontane, and 2.5 and 5 vol % n-eicosane, the systems were
extended in the lateral dimension, using the GROMACS function
genconf, to reach a total of 288 lipids per bilayer. This step was
necessary to exclude interactions between different images of the
same molecule® and to include a sizable number of alkane molecules
in the simulation box. The number of water molecules was adjusted to
match the experimental samples. An overview of all the simulations
conducted is given in Table SI. This table also includes links to
zenodo repositories which contain all the trajectories analyzed and
files necessary to reproduce the simulations. The CHARMM?36 force
field*>*” was used for both DPPC and n-alkanes. DPPC force-field
and initial topology were copied from open access data made available
by the NMRlipids project (nmurlipids.blogspot.fi),”® and the acyl chain
parameters were transferred to the alkanes. Alkane topologies were
created using Molden.”” Water molecules were described by the
CHARMM TIP3P model.?®" The simulation procedure was as
follows: First, systems of DPPC plus water and pure alkane systems
were equilibrated separately, after which they were merged to create
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the desired alkane concentrations. For this, bulk alkane was placed
between the two bilayer leaflets and the systems were re-equilibrated.
The production runs of 300 ns were conducted in NPT ensembles,
integrating the equations of motion based on the leapfrog algorithm.
For long-range electrostatics, the particle mesh Ewald algorithm was
used. Temperature was controlled by a modified Berendsen
thermostat and a semi-isotropic pressure profile was realized with
Parrinello—Rahman pressure coupling. Proton bonds were con-
strained using a fourth order LINCS correction. For details on
these algorithms, see 62 and references therein.

Simulated trajectories were analyzed using Python’s MDTraj
library.%* For every distinct C—H pair in DPPC and alkane molecules,
time- and ensemble-averaged order parameters were calculated
according to

1

Scu = E<3 cos %0 — 1) @)
where @ is the angle between the bilayer normal and the C—H bond
vector. To compare calculated values to the H and R-PDLF NMR
experiments, we consider only the magnitude of the order parameters,
IScul. Lipid structural quantities such as bilayer thickness and area-
per-lipid were calculated for every simulated time frame. Afterward,
the mean and standard deviation of these quantities were taken over
the last 50 ns of the simulations.

X-ray Scattering. Only DPPC/C10 and DPPC/C20 mixtures up
to 25 vol % alkane were subjected to X-ray diffraction measurements.
Samples were prepared as described above, in excess water conditions,
adding additional water to obtain sufficiently fluid mixtures (final lipid
concentration around 150 mg/mL). Samples were vortexed and
sealed in borosilicate glass capillaries from Hilgenberg (Maisfeld,
Germany) with 1 mm outer diameter and 0.01 mm thickness. Wide
angle X-ray scattering experiments were performed in transmission
mode using a SAXSLAB laboratory setup (Retro-F) equipped with an
AXO microfocus X-ray source, and an AXO multilayer X-ray optic
(AXO Dresden GmbH, Dresden, Germany), used as a mono-
chromator for Cu Ka radiation (1 = 0.154 nm). A two-dimensional
detector (PILATUS3 R 300 K; DECTRIS, Baden, Switzerland) was
used to record the 2D scattering patterns. The measurements were
performed at 60 °C and corrected for background, transmission, and
sample geometry. The intensities were angular-averaged and plotted
versus the scattering angle g with subsequent normalization with
respect to concentration and sample volume. The X-ray diffraction
pattern of lamellar phases exhibit a set of Bragg reflections with
reciprocal spacings in the characteristic ratios of g, = 2zn/d (Miller
index n = 1, 2, 3, ...). The reflections were fitted by Gaussian functions
and the lamellar repeat distance, d, was determined from the average
of the repeat distances determined for each sample composition.
Errors were calculated from the scatter of the results for the individual
reflections, which was larger than the error of the fitted peak positions.

Cryogenic Transmission Electron Microscopy. A mixture of
DMPC and 10 vol % C20 was prepared as described above, in the
excess water regime, adding additional water to obtain a lipid
concentration of 1.5 mg/mL. A sample of pure DMPC was prepared
for comparison. The lipid suspensions were extruded (membrane
pore size 100 nm) prior to measurement. For cryogenic transmission
electron microscopy (cryo-EM), the Quantifoil R2/1 type holey
carbon grids were first glow discharged in an easiGlow plasma
treatment machine at 1S mA for 25 s in the negative polarity. The
plasma-treated grids were mounted in a Leica Gridplunger GP2 with a
chamber temperature of 30 °C and a relative humidity of more than
95%. A total of S uL of the samples were applied on both sides of the
glow discharged grids and then blotted using a 595 ash-free filter
paper for 12 s at a blotting force of zero. Then the grids were quickly
plunged in liquified ethane at a temperature of —170 °C. The vitrified
grids were consequently clipped in an autogrid assembly and loaded
in a ThermoFisher Scientific Glacios 200 kV TEM under cryogenic
conditions. The samples were studied under a low dose imaging
regime using the ThermoFisher EPU software Version 2.11.1.11REL.
On each region of interest (ROI), a series of movie frames were
recorded, and then the frames were stacked, aligned, and summed

https://doi.org/10.1021/acs.langmuir.2c00872
Langmuir 2022, 38, 8595-8606



Langmuir pubs.acs.org/Langmuir
o ;
A DMPC o )j\/\/\/c\z/m\/\/\ n-decane (C10)
'|)| H O
s NN

n-eicosane (C20)
P Ve e e e e e e

12.5vol%

pPPe o W
I H O n-triacontane (C30)
o—f~o X o
~ N+/\/ Vg \n/\/\/\/\/\/\/\/
// O
(o]
/ B C10 in DPPC C20 in DPPC C20 in DMPC ! C C20 in DPPC C20 in DMPC
nw~7 nw~14 nw~11 excess water excess water
% % 37vol% l 15vol% zoom 10vol% zoom
40vol% 15vol%
10vol% 15vol% 10vol%
30vol%
7.5vol%

>
i

1%
20vol% ? 5vol%

w
<
o

10vol% 1%

w
<
o

2.5vol%

%

7.5vol%

i

1% 1%

w
<
=)
w
<
(=]

96-3 0369 -9-6-30 36 9

v(2H) / kHz
45v0l%
%

40vol%
15vol%

N w = =
iﬂ < o w
¢ & (s s
S ® 5 3
N 5 3

30vol% 12.5vol%

20vol%
5vol%

10vol% 2.5vol%

L

'
[te]
'
[o)]
'
w
o
w
[e)]
[(e]
'
[Ye]
'
)]
'
w
o
w
[¢)]
[(e]
'
©

T
e

S 12 13 s
S 2 S
o =3
q X
3

)]
'
w
o
w
[e)]
[(e]

v(?H) / kHz

7.5vol%
1% 1%

1% vol%

40 20 0 -20 -40 40 20 0 -20 -40

8(3'P) / ppm

40 20 O

-20 -40

40 20 0 -20 -40 40 20 0 -20 -40

8(31P) / ppm

Figure 1. *H NMR spectra of alkanes (perdeuterated) mixed with DMPC and DPPC at a range of alkane-to-acyl-chain volume fractions and
hydration levels, plus their effect on the *'P NMR spectra of the phospholipids. (A) Chemical structures and carbon labels used for the lipids and
alkanes used in this work. (B) Samples at low hydration. The number of water molecules per lipid #,, is indicated on the top of each column.
Mixtures from left to right: decane-d,, in DPPC at 60 °C, eicosane-d,, in DPPC at 60 °C, and eicosane-d,, in DMPC at 50 °C. (C) Samples at
excess hydration. Mixtures from left to right: eicosane-d,, in DPPC at 60 °C, and eicosane-d,, in DMPC at 40 °C. Pure lipid *'P spectra at similar

conditions are included as references.

into a single image using the on-flight frame alignment function of the
EPU software.

B RESULTS AND DISCUSSION

The *H and *'P NMR spectra of samples consisting of C20d
mixed with DPPC or DMPC in the liquid-crystalline phase
under low and excess hydration are shown in Figure 1. Spectra
from samples with perdeuterated n-decane in DPPC are also
shown for comparison. We start by discussing the spectra
acquired at low hydration (Figure 1B), and then we discuss the
changes observed upon further hydration of these samples to
conditions of excess water (Figure 1C).

C20d Molecules Mixed in DMPC and DPPC Mem-
branes Display Anisotropic Motion at Low Hydration.
At low hydration (Figure 1B) and low alkane volume fraction,
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all the acquired *H spectra are superpositions of Pake patterns.
These spectral lineshapes imply that the perdeuterated alkane
molecules have anisotropic motion during a time interval
longer than 1 us,> otherwise a single narrow line in the *H
NMR spectrum would be observed (which is the case for neat
alkanes in the liquid state). The spectral line shape and
quadrupolar splittings measured do not vary significantly with
alkane concentration up to a certain alkane-to-acyl-chain
volume fraction (20, 10, and 5 vol % for the n-decane/DPPC,
C20d/DPPC and C20d/DMPC systems, respectively). We
can thus conclude that the n-decane and C20d molecules are
fully mixed with the phospholipid acyl chains under these
conditions.

For the alkane/DPPC systems, an increase of the volume
fraction, ¢, to above a certain critical alkane-to-acyl-chain

https://doi.org/10.1021/acs.langmuir.2c00872
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volume fraction, ¢,, results in strong broadening of the spectral
lineshapes. This is observed at approximately 30 and 15 vol %
for the C10d and C20d systems, respectively. These broad
lineshapes are typical of exchan§e phenomena in the so-called
intermediate motional regime.”* One possible origin for this
broadening is the formation of a slab of alkane or alkane
droplets in between bilayer leaflets, where alkane molecules
would undergo isotropic motion. In this case, the alkane
molecules would continuously exchange between two rather
distinct dynamical states, the anisotropic motion observed
below ¢, (corresponding to alkane motion near the acyl
chains) and the isotropic motion in the alkane slab formed
between the bilayer leaflets. Such a phase separation would
yield intermediate-regime lineshapes only if the exchange time,
Texo Detween the two distinct alkane dynamical states would be
approximately the inverse of the splittings measured at low ¢
(Toe & 0.1—1 ms). As it will be described in another section,
we do observe the formation of an alkane slab at roughly the
same alkane volume fraction for the C20/DPPC system in our
MD simulations. However, based on these MD simulations,
the exchange time of alkane molecules from the alkane slab to
the acyl chain region is orders of magnitude faster than 0.1 ms.
A more plausible origin for the broadening of the *H NMR
spectra is a change of the morphology of the system with
increasing alkane content, namely, a transition from the
lamellar phase, L, to a liquid crystalline phase with a distinct
symmetry or simply by a change of the curvature in the L,
phase, for example, from long-range stacks of flat membranes
to a morphology closer to a multilamellar vesicle system. Such
change in morphology would affect not only the orientations
sampled by the alkane molecules during the *H NMR time-
scale, but also the phospholipid orientations. Therefore, we
measured the 3P spectra from the phosholipid molecules to
complement the *H NMR spectra. The measured >'P spectra
from the samples with low hydration are shown in Figure 1B
and are characteristic of motionally averaged *'P chemical shift
anisotropy (CSA) tensors with an axial symmetry for all alkane
concentrations, a clear signature of the lamellar phospholipid
phase, L,, where lipid molecules have fast uniaxial motion
around the bilayer normal.”*~®” We can therefore rule out a
transition from the lamellar liquid crystalline phase L, to
another phase. However, the 3'P spectra of the sample with
C20d in DPPC above ¢, (i.e, for which an intermediate
regime line shape is observed in the H spectrum) shows
considerable broadening. This indicates that, although such a
3P spectrum is still evidence of a L, phase, there is an increase
of reorientations for the motionally averaged *'P CSA tensor
leading to T, broadening. Such an increase of reorientations is
either due to an increase of the membrane curvature, an
increase of phospholipid lateral diffusion, or a combination of
both. We shall describe in the next section that further
hydration of these systems induces a drastic effect on the *'P
spectra.

The spectra acquired from C20 in DMPC membranes at low
hydration (right column in Figure 1B) also shows a
superposition of Pake patterns at low ¢. However, in contrast
to the DPPC samples, the *H spectra display one additional
narrow peak at ¢ greater than 5% which increases in intensity
with increasing alkane content. Our interpretation is that such
a peak originates from bulk C20d that did not mix with the
phospholipid membranes, otherwise, an isotropic feature in the
3P spectra would have been observed, which is not the case. It
is important to note that in every lipid mixture prepared using
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organic solvents, a phase separation may also relate to different
solubilities of the mixed components in the solvent used,
leading to a sample that may not represent the true (i.e., long)
thermodynamic equilibrium. We cannot ensure, therefore, that
the phase separation of C20d observed in DMPC membranes
at ¢ equal to 12.5 vol % is independent of the solvent used
(chloroform) nor the solvent evaporation rate. In fact, as it will
be also discussed in the next section, attaining a thermody-
namical equilibrium for these mixtures is not a trivial task and
depends on both the equilibration time and the sample
preparation, as previously shown.*®

C20d Incorporation Strongly Affects the 3'P Spec-
trum at Excess Hydration. Further hydration of the C20d/
phospholipid samples discussed previously induces drastic
changes in both the *H and *'P NMR spectra. In addition to
the anisotropic features described in the previous section, an
extra peak characteristic of isotropic motion is observed in
both the ?H and the *'P spectra of the fully hydrated samples,
as shown in Figure 1C, that becomes prominent with an
increase of alkane concentration. In this case, the appearance
of an isotropic component in the ?H spectra must therefore
not be interpreted simply as a bulk alkane phase, as we did in
the previous section for the C20d/DMPC system, but as a
consequence of an overall change of morphology or
dimensions of the multilamellar vesicles. Note that this is
observed also at low alkane concentrations at which the
samples at low hydration displayed only anisotropic spectral
features.

Similar observations have been made by Sjoelund et a
who showed that water content has a noticeable effect on the
formation of inverse hexagonal phases in different PC lipids
and mentioned that adding C20 to DOPC resulted in the
appearance of an isotropic component in the phosphorus
spectra. Paz Ramos et al.” also investigated the effect of
alkanes on the L,to-Hj; phase transition in PE lipids and
observed a small isotropic lipid phase coexisting with the
inverse-hexagonal phase. *'P spectra displaying isotropic
components are typically observed in sonicated lipid
suspensions consisting of small vesicles.”” In such a case,
complete motional averaging of the *'P CSA tensor is achieved
by a combination of vesicle tumbling and lateral diffusion of
lipid molecules along the membrane.®**”>”" In a biological
context, it has been shown that different cells produce
exosomes with different sizes,”” potentially due to the effect
of exosome composition on the bending rigidity of the
membrane according to the thermodynamical treatement
proposed by Huang et al.”’ It seems therefore reasonable to
consider that the isotropic components in Figure 1C are
originated by a reduction of bending rigidity and, con-
sequently, a reduction of vesicle size induced by the
incorporation of alkane in the multilamellar vesicles. This is
in line with the recent observations made by Usuda et al. using
neutron scattering experiments.35 Alternative interpretations of
the isotropic components are a transition from the L, phase to
a symmetric cubic phase (reverse or normal), to a non-
symmetric sponge bicontinuous phase, to a dispersion of
inverted micelles, or the simple formation of alkane droplets
stabilized by interfacial phospholipid molecules. To investigate
which of these options is more plausible, we performed
cryogenic electron microscopy (cryo-EM) on a selected
mixture.

The cryo-EM images acquired for a sample of 10 vol % C20
in DMPC (Figure 2 shows representative images) show lipid

47
L,

https://doi.org/10.1021/acs.langmuir.2c00872
Langmuir 2022, 38, 8595-8606



Langmuir

pubs.acs.org/Langmuir

Figure 2. Cryo-EM images of extruded DMPC vesicles with 10 vol %
C20. Vitrified samples were prepared above T, at ~30 °C.

vesicles of various sizes. Lipid droplets or other isotropic lipid
structures, which, as described above, could be the origin of the
isotropic component observed in the *'P NMR spectra, could
not be detected. Note that at this alkane volume fraction the
isotropic component is the dominant contribution in the 3'P
spectrum (Figure 1C). Therefore, the absence of these
structures in the cryo-EM images indicates that the isotropic
component in the *'P spectrum most likely originates from a
formation of smaller lipid vesicles induced by the incorporation
of alkane. It would be of interest to determine and compare the
vesicle size distribution of lipid systems with and without
alkane. Such a determination is not possible with the used
cryo-EM methodology since the multilamellar vesicles must
follow an extrusion step to be imaged (membrane pore size of
100 nm), that is, the vesicle size distribution in the cryo-EM
images does not correspond to the equilibrium distribution.
Nevertheless, it is important to stress that the cryo-EM images
do enable a direct observation of the samples after extrusion,
indicating that lipid droplets (or similar structures) are absent,
since small lipid droplets should also pass the 100 nm
membrane pores. Because lipid droplets or similar structures
are not observed, they cannot be the origin for the shape of the
*!P spectra at low alkane volume fraction.

In order to characterize further the size of the lipid vesicles,
we performed *'P Hahn echo measurements over a range of
spin echo delays. Exemplary decay curves are shown in Figure
3, both for samples that did not display isotropic components

© 10° @ DMPC
a (n,=11)
B D> 45% C10d/DPPC
£ (ny=7)
£ v DMPC
5 (excess water)
b= @ 5% C20d/DPPC
8 (excess water)
e 25% C10d/DPPC
: ¢ (excoess water)
- V¥ 10% C20d/DMPC
E- —@- aniso (excess water)
-1l . . > 10% C20d/DPPC
B 10 —O- aniso + iso ~ (excess water)
z 1 1 1 1 | © 5% C20d/DMPC
t
0 0.2 0.4 0.6 0.8 1.0 (excess water)

Hahn echo delay / ms

Figure 3. *'P Hahn echo decays for different lipid-alkane mixtures.
Blue data points are from samples with a purely anisotropic, lamellar
phosphorus CSA pattern. Orange data points are from samples with
an additional, isotropic peak in the *'P spectrum. Exponential (blue)
or biexponential (orange) fits to the data are added to guide the eye.

in the *'P spectra (blue data) and samples with isotropic
components (orange data). The *'P Hahn echo signal decay of
the samples without an isotropic component can be
approximated by a single-exponential decay with T, relaxation
times around 1.5 ms, in line with previous findings by Dufourc
et al®” On the other hand, for samples containing an isotropic
peak in the *'P spectrum, the decay highly deviates from a
single-exponential decay to a multiexponential decay contain-
ing significantly shorter T, components, characteristic of
motions with time scales near the intermediate-regime. The
theoretical vesicle diameter corresponding to the short T, limit
can be estimated via the surface area that a lipid molecule can
cover by lateral diffusion during a time interval approximately
equal to the inverse of the motionaly averaged *'P CSA
magnitude. By doing so, we ignore the contribution of vesicle
tumbling on the averaging of the *'P CSA tensor. Using lipid
self-diffusion coefficients of 22 um?/s (DPPC at 60 °C) and 9
um?/s (DMPC at 40 °C),' we estimate that the vesicle
diameters corresponding to the intermediate motion regime
are approximately 60 and 40 nm, for DPPC and DMPC,
respectively, and thus suggest that vesicles of this size are
present in samples that display an isotropic component in the
3p spectrum. Moreover, as the concentration of alkane
increases, an increasing fraction of the 3'P spectrum remains
visible until long echo delays, indicating an increasing fraction
of lipid vesicles that are much smaller than the sizes mentioned
above and/or oil droplets for which the isotropic motional
averaging reaches the fast limit.

We remark here that the spectra of the C20d/DPPC
samples under excess water conditions shown in Figure 1 have
been acquired a few months after sample preparation. For
some samples, when they were first investigated within a few
days of preparation, the *H quadrupolar splittings were
significantly sharper and the isotropic peaks less prominent.
To test for equilibration processes in the other mixtures, all
samples were remeasured after several months. Over the
course of approximately one year, no other changes in the *H
spectra were observed, except for the high-concentration n-
decane/DPPC samples, where the “H spectra became notably
sharper (Figures S1 and S4). The different times needed to
reach equilibrium for the n-decane and n-eicosane samples are
most likely due to the distinct sample preparation used. While
n-eicosane and n-triacontane samples were prepared by mixing
the alkanes and lipids in chloroform, n-decane was mixed with
the phospholipid powder directly without use of an organic
solvent because decane would evaporate during the solvent
evaporation step. Our results indicate that in such case the
time to reach homogeneity of the alkane/phospholipid system
becames much longer.

C30d also Incorporates in Lipid Membranes and
Induces an Isotropic Component in the 3'P Spectra.
Exemplary “H spectra of perdeuterated n-triacontane (C30d)
in DMPC and DPPC are shown in Figure 4. The *H spectra
acquired from C30d in the presence of phospholipid
membranes have much broader lineshapes than bulk C30d
(the blue narrow peak in the top left plot of Figure 4), which
demonstrates that the C30d chains undergo restricted
anisotropic motion and are therefore incorporated in the
membrane. This result is in contrast to the expectation from
previous studies that such molecules would not be soluble in
lipid membranes.”” To the best of our knowledge, this is the
longest alkane shown to be soluble in lipid membranes to date.
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€30 in DMPC €30 in DPPC Similar to the C20d/phospholipid systems described in the
nw~11 excess water preceding sections, a hydration of the C30d/phospholipid
——DMPC/C30d systems up to excess water conditions leads to narrower
——C30d
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Figure 4. Static ’H (upper row) and *'P (lower row) spectra of § vol
% perdeuterated n-triacontane (C30d) in DMPC (left column, n,, =
11, 70 °C) and in DPPC (right column, excess water, 70 °C). A *H
spectrum of pure C30d at 70 °C is also shown for reference (blue,
narrow peak in the top left spectrum).

spectral lineshapes with isotropic-motion features in the *H
and *'P spectra, evidence for isotropic motion of both the C30
and phospholipid molecules. This occurs at ¢ values as low as
2.5% and with equilibration times as short as 1 day.

As in the case of C20d in DMPC, at low hydration, an
isotropic narrow peak shows up in the *H spectra, indicating
phase-separated bulk C30d at a volume fraction of alkane-to-
lipid-acyl-chain of S vol %. Again, this might be due to different
solubilities of C30d and the phospholipids in the organic
solvent used (chloroform) and consequent phase separation
during the solvent evaporation process. We cannot exclude
therefore that by using another organic solvent for mixing n-
triacontane with the phospholipids one may reach systems
with higher alkane-to-lipid-acyl-chain volume fractions.

At low hydration, the shape of the C30d *H spectrum is
notably different from those of C20d in Figure 1B, missing
clearly distinguishable splittings. The molecular details of such
line shape become evident by comparison with the MD
simulations performed in this work and are described in the
next section.

All-Atom MD Simulations Enable to Predict the ?H
NMR Spectral Lineshapes Observed. To interpret the
measured ’H NMR spectra of the alkane molecules at low
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Figure 5. Simulated ?H spectra of deuterated n-alkanes in DPPC calculated from the order parameter profiles determined from the MD simulations
(red), and comparison with experimental data of equivalent systems (blue). The simulated order parameter profiles are plotted as mean =+ standard
deviation over all alkane chains. Order parameter profiles for 70 °C and n,, = 18 (gray) were added for C10 and C20 to facilitate a comparison
between systems. The conformations of a selected alkane molecule at different times during a time interval of approximately 100 ns are shown on

the right. Note that the additional alkane chains are omitted for clarity.
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hydration in terms of molecular structure, we generated
molecular models for a number of samples by performing (all-
atom) CHARMM36 MD simulations. As mentioned pre-
viously, for systems above ¢ the time-scale of the
intermediate-regime motions that induces the drastic change
of spectral lineshapes is near 0.1 ms, which is not accessible by
our MD simulations. In this section, we therefore focus on
alkane concentrations below ¢, for which the time intervals
simulated (up to 300 ns) should be enough to calculate a
prediction of the experimental spectra. In Figure S, exemplary
’H NMR spectra are compared to spectra calculated from the
alkane order parameter profiles determined from the MD
simulation trajectories. The shapes of the simulated spectra
match the experimental data reasonably well for all three
systems with a nearly perfect match for the C10d case and a
deviation to higher [Scyl for the C20d and C30d cases. The
difference in width of the simulated and experimental *H
spectra for C20d and C30d implies a higher ordering of n-
alkanes in the MD simulations. The increased ordering
observed in MD simulations may be due to force field
imperfections related to the CH,—CH, alkane-acyl chain
interactions, which we simply defined to be equal to the
CHARMM36 acyl chain Lennard—Jones interaction parame-
ters. Consequently, the number of alkane chains reaching into
the lipid tail region may be overestimated in the simulations
due to a lipid—alkane interaction that is too attractive.
Nevertheless, we assume that the models simulated are
representative of our experimental samples and that the alkane
molecular structures and orientations predicted are realistic
(albeit only qualitatively) for the C20d and C30d cases.

The C—H bond order parameter profiles for C10d and
C20d are rather different from the C30d profile. For the
shorter alkanes, the highest, absolute order parameters are
found in the middle of the alkane chain, while the middle
region of C30d chains displays IS¢yl values close to zero. This
indicates that, in comparison to C10d and C20d, the C—H
bonds in the middle segments of C30d sample a wider range of
orientations close to an isotropic distribution. The number
density profiles of C20 and C30 in DPPC obtained from MD
simulations show that the overall alkane distribution in the
bilayer is very similar for both alkanes at the same volume
fraction (Figure S2).

The snapshots of individual alkane chains shown in Figure §
illustrate that, rather than being confined to the bilayer center
or a lipid leaflet, a single chain samples a variety of
conformations and locations in the lipid bilayer over the
course of approximately 100 ns. The alkane chains are
continuously exchanging between regions of high and low
density, the region close to the lipid—water interface and the
middle of the bilayer, respectively (see, e.g., Figure S2). In the
high density region the alkane methylene segments will have a
tendency to adopt preferred orientations with respect to the
ordered acyl chain segments, while in the middle of the bilayer
(with higher free volume, ie., lower density) alkane chain
segments may adopt a wider range of orientations. This
exchange is the reason for the reduced magnitude of alkane
order parameters in comparison to typical lipid acyl chain
order parameter profiles.’

Lipid Order Is Not Affected by Alkane Incorporation.
Referring to Figure 1B,C, we note that the outer splittings of
the C20d ?H spectra, which correspond to the maximum
absolute order parameter of those chains, are similar in DPPC
and DMPC, and also at the different hydration levels. Decane
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IScul values are notably higher than for C20d. This could be
due to the comparatively low water content in the decane
samples since dehydration leads to acyl chain stretching,”*
which in turn should affect the alkane behavior.

In all mixtures, the magnitude of alkane order parameters
remains fairly constant over the whole concentration range
below ¢, that is, below the alkane fraction at which the
spectrum line shape starts to change. This is an indication that
alkane chains do not affect the lipid acyl chain structure. To
verify this interpretation, we performed R-PDLF NMR
spectroscopy on all samples, allowing us to determine
phospholipid order parameters and to quantify the effect of
the alkane on the lipid molecular structure. Using R-PDLF
NMR spectroscopy, we obtain site-specific IScyl values of the
lipid molecules, as shown in Figure 6. For each carbon site,
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Figure 6. Comparison of R-PDLF measurements of pure DPPC
(blue) and DPPC plus 25 vol % C20d (green) in excess water. (Left)
Refocused INEPT *C intensities of the acyl tail region of pure DPPC,
(middle) 2D spectrum showing the refocused dipolar couplings in the
second dimension, and (right) dipolar slices at selected **C chemical
shifts as indicated. Lipid acyl tail carbons were assigned as indicated.

that is, for each distinct peak in the *C spectrum, a splitting
related to its recoupled 'H—"3C dipolar coupling is obtained in
the second (indirect) dimension. These splittings can then be
used to calculate absolute C—H bond order parameters, as
described in the Methods section.

Figure 6 compares the splittings of two samples, DPPC
without alkane and DPPC with 25% of C20d both in excess
water, showing no effect of the alkane on the lipid C—H bond
order parameters. The complete order parameter profiles of
these and other samples are given as Supporting Information in
Figure S3. For all the samples investigated, the addition of
C10d or C20d did not change the lipid tail ordering within
experimental accuracy. Therefore, the anisotropic motion of
the alkane molecules is dictated by the dynamics and structure
of the acyl chains.

We note here that lipid order parameter measurements can
also be used to identify nonlamellar lipid phases.”” Dipolar
couplings and thus C—H bond order parameters are influenced
by motional averaging similar to the lipid headgroup *'P CSA,
for example, the 'H—'C dipolar couplings are reduced
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approximately by half when comparing a hexagonal to a
lamellar phase. In all of our R-PDLF measurements, including
the samples showing an isotropic component in the *'P
spectrum, no contributions arising from an isotropic phase
were measured. At first glance, this seems counterintuitive, but
it is possible that in the intermediate regime, transverse
relaxation is fast enough that nearly all signal from such
structures gets lost during the refocused INEPT sequence.
MD Simulations and X-ray Scattering Experiments
Also Evidence Immiscibility above a Critical Alkane
Fraction. In addition, we characterized the influence of the
alkane molecules on the bilayer dimensions by calculation of
the area-per-lipid and bilayer thickness using the MD
simulation trajectories at low water content. The bilayer
thickness was defined as the average distance between the two
phosphor planes. In Figure 7B, the results of such calculations
are shown for C10 and C20. An increase of the alkane content
is initially accompanied by an almost linear and significant
enhancement of the area-per-lipid, whereas the increase of the
bilayer thickness remains small, implying complete mixing of
the alkane molecules with the lipid acyl chains. At a certain
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Figure 7. DPPC structural parameters obtained from MD simulations
and X-ray diffraction experiments. (A) Selected snapshots from MD
simulations. (B) Simulated area per lipid and *'P—3'P distance of
DPPC bilayers in the presence of varying amounts of n-alkane. Circles
represent the mean thickness and the upper and lower limits are the +
standard deviation of the thickness fluctuations calculated from the
final 50 ns of the simulated trajectories. The vertical bars therefore
represent the fluctuations of bilayer thickness and area-per-lipid with
time. Water content and temperature were as follows: C10/DPPC: n,,
=7, T =60 °C; C20/DPPC: n,,= 19, T = 60 °C. (C) X-ray scattering
intensity profiles for exemplary sample compositions (excess water, T
= 60 °C) and average repeat distances calculated from the first two
maxima observed. The error bars represent the variation range
between values obtained from the different maxima and, in some
cases, repeat measurements.

8603

61

critical volume fraction ¢, the area-per-lipid reaches a plateau
value. Above ¢, the number of alkane molecules mixed with
the acyl chains remains constant. The considerable increase of
the bilayer thickness above ¢, as seen in Figure 7B, indicates
the tendency of the remaining alkane molecules to accumulate
between the leaflets. This behavior is illustrated by snapshots
of two systems, one below and one above ¢, in Figure 7A. We
note here that the vertical bars used in Figure 7B simply
represent the fluctuations of bilayer thickness and area-per-
lipid with time. Such fluctuations are inherent to lipid bilayers
and not a measure of the average uncertainty due to averaging
over a finite interval which is much smaller than the vertical
bars plotted.

To investigate experimentally how the thickness of the
bilayer changes with alkane incorporation we performed X-ray
scattering experiments on MLVs in excess water. The intensity
profiles and lamellar repeat distances of DPPC MLVs
containing varying amounts of C10 and C20 are plotted in
Figure 7C. The repeat distance encompasses the thickness of
one bilayer plus one water layer in the MLVs and is therefore
larger than the *'P—*'P distance calculated from the MD
simulations. Conducting the X-ray diffraction measurements
on samples far above the excess water limit, however,
guarantees that a change in the repeat distance directly
translates to a change in bilayer thickness, as was previously
demonstrated by McIntosh et al.*® For DPPC MLVs
containing C10, the repeat distance increases with the decane
volume fraction in the investigated range of concentrations.
This result agrees with previous studies,””*”*" as well as with
our MD simulations. Upon adding C20, the DPPC bilayer
repeat distance increases at first more strongly compared to
C10, reaching a plateau at an alkane volume fraction between
10 and 20%. Notably, this happens at a similar volume fraction
for which the NMR spectra started to display intermediate-
motion lineshapes for the low hydration samples (see Figure
1B). This suggests that above the critical volume fraction of
C20, unilamellar vesicles, alkane droplets or other structures
that may not contribute to the Bragg peak pattern measured
are formed. This implies that there are two types of structures
in the system under excess water, one with a lower amount of
alkane corresponding to membranes with dispersed alkanes
and the other with alkane accumulations, for example, droplets
as described by White and Thompson,”® that might bud out
from the MLVs and hence remain undetectable by X-ray
scattering.

A direct comparison of the relative changes in bilayer
thickness from MD simulations and repeat distance from
scattering experiments (Figures 7) needs to be done with care
since the hydration of the systems is different in the
simulations and X-ray experiments. At an alkane volume
fraction of 10%, the changes in bilayer thickness from
simulations and experiments are similar (MD: +0.17 nm
(C10 and C20), X-ray: +0.1 nm (C10), and +0.23 nm (C20)).
However, the repeat distance for the C20 case in X-ray
experiments has a stronger increase at low alkane fractions in
comparison to the thickness profile in MD simulations (0—$
vol % thickness increase approximately 0.17 & 0.04 nm (X-ray)
and 0.014 nm (MD)). Again, this suggests that the MD
simulation models overestimate the interaction of the alkane
molecules with the lipid acyl chains, that is, an overestimation
of alkane chains parallel to the acyl chains will lead to a higher
increase of the area-per-lipid and consequently to a weaker
dependence of the bilayer thickness on alkane concentration at
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low alkane volume fractions. It remains to be investigated how
the MD profiles in Figure 7B change as a function of hydration,
that is, how ¢, depends on the number of water molecules per
lipid, and to perform X-ray scattering measurements over
smaller steps of alkane concentration to determine the accurate
location of the inflection point as well as its dependence on

lipid and alkane types.

Bl CONCLUSIONS

In this work, we used all-atom MD simulations and solid-state
NMR, X-ray diffraction and cryo-EM experiments to
investigate the molecular arrangement of longer n-alkanes
(C20 and C30) inside lipid bilayers and their effects.

H NMR spectroscopy of deuterated alkanes, X-ray
diffraction experiments, and all-atom MD simulations indicate
that, contrary to previous expectations, C20d and C30d can
mix with saturated phospholipid acyl chains up to a
considerable limiting fraction ¢.. At low hydration and above
¢ the alkane forms an alkane slab or droplet between bilayer
leaflets. At excess hydration above ¢, either unilamellar
vesicles with higher concentration of alkane or alkane droplets
that may disperse through the aqueous media are formed.

The MD simulations enable to interpret qualitatively the *H
NMR spectra measured at low hydration below ¢, showing
that the difference between the H NMR spectra of C20d and
C30d is due to their different order parameter profiles, with a
maximum and a minimum absolute order parameter in the
middle of the chain for C20d and C30d, respectively.

Sample hydration greatly influenced the *H and *'P NMR
spectra. In the excess hydration regime, the incorporation of
alkane significantly changes the *'P NMR spectra of the MLV,
even at very low alkane volume fractions, with the appearance
of an isotropic spectral component that becomes prominent
with an increase of alkane content. We hypothesize that this is
due to a reduction of the membrane bending rigidity in the L,
phase and a consequent reduction of the average radius in the
MLV system. Since this may be a general behavior of lipid
membranes with physiological relevance, we believe that this
hypothesis should motivate further experiments to directly
measure the dependence of bending rigidity upon a minimal
perturbation of the lipid membrane with a hydrophobic
component.

The combination of NMR spectroscopy, X-ray scattering
and MD simulations used in this work enabled us to describe
the molecular structure of long n-alkanes in lipid bilayers with
unprecedented detail and defines a starting point for future
investigations regarding the fate of long hydrophobic chains
inside model cellular membranes.
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NMR spectra (Figure S1), density profiles for simulated
systems (Figure S2), lipid order parameter profiles
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5.1.1 Paper I: Supporting Information

Additional tables and figures referred to in paper I, as published in reference [37].

No changes were made.

n-alkane | Number | Number Alkane Alkane Number ny | T [K] zenodo DOI
of alkane of volume mole of water
molecules DPPC fraction fraction molecules
molecules

C10 0 72 0% 0% 504 7 333 10.5281/zenodo.6517496
C10 12 72 5% 14% 504 7 333 10.5281/zenodo.6517496
C10 26 72 10% 27% 504 7 333 10.5281/zenodo.6517496
C10 26 72 10% 27% 1357 19 343 10.5281/zenodo.6517496
C10 41 72 15% 36% 504 7 333 10.5281/zenodo.6517496
C10 58 72 20% 45% 504 7 333 10.5281/zenodo.6517496
C10 99 72 30% 58% 504 7 333 10.5281/zenodo.6517496
C20 0 72 0% 0% 1329 18.5 333 10.5281/zenodo.6524029
C20 12 288 2.5% 1% 5164 18 333 10.5281/zenodo.6524029
C20 24 288 5% 8% 5164 18 333 10.5281/zenodo.6524029
C20 9 72 7.5% 11% 1291 18 333 10.5281/zenodo.6524029
C20 12 72 10% 14% 1291 18 333 10.5281/zenodo.6524029
C20 12 72 10% 14% 1291 18 343 10.5281/zenodo.6524029
C20 20 72 15% 22% 1291 18 333 10.5281/zenodo.6524029
C20 29 72 20% 29% 1291 18 333 10.5281/zenodo.6524029
C20 49 72 30% 40% 1292 18 333 10.5281/zenodo.6524029
C30 8 288 2.5% 3% 5472 19 343 10.5281/zenodo.6539320
C30 16 288 5% 5% 5472 19 343 10.5281/zenodo.6539320

Table S1: Overview of the simulated systems. Alkane volume fraction is defined as the
alkane-to-lipid acyl tail ratio, while the alkane mole fraction refers to the ratio of alkane
to non-water (alkane and lipid) molecules. The zenodo DOIs can be used to access the
simulation data stored in the zenodo repository.
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Figure S1: Static 2H NMR spectra of decane-d22 in DPPC, ny,=7, T=60°C, measured at
two different time points after sample preparation.
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Figure S2: Number density profiles for selected atom groups of 5 vol% C10 (60°C,ny,=7),
C20 (60°C) and C30 in DPPC (70°C), calculated from MD trajectories using gmz density.
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5.2 Paper II: Atomistic MD Simulations of n-
Alkanes in a Phospholipid Bilayer:
CHARMMS36 versus Slipids?

In paper I [37] it was found that n-alkanes can be mixed with saturated lipid bi-
layers up to a certain volume fraction ¢., which depends on n-alkane chain length.
The corresponding MD simulations however showed no effect of chain length on ¢,
(within the experimental uncertainty). It is possible that the experimentally de-
termined value of ¢, is subject to the sample preparation protocol, i.e. the solvent
used, and thus is lower than the value obtained from simulations. Importantly, in pa-
per I, simulations with the CHARMMS36 force field strongly overestimated n-alkane
ordering for C20 and C30, possibly also invalidating the results for ¢..

This paper systematically investigates n-alkane/lipid miscibility via MD simulations
using two different force fields, namely CHARMMS36 and Slipids. In particular,
the effects of alkane chain length, sample hydration and simulation parameters are
examined. As in paper I, the three n-alkanes C10, C20 and C30 are studied in DPPC
membranes. The water content of the systems is either 7 or 19 water molecules per
lipid, which is below the excess water limit and matches the experimental results
presented in paper I. The results presented here clearly show that the Slipids force
field produces much more realistic values for the n-alkane order parameters of C20
and C30, but not C10. This is explained by the fact that hydrocarbon chains
modelled with Slipids are more flexible than their CHARMMS36 counterparts. Chain
flexibility can be adjusted via the electrostatic 1-4 interactions, and we show that
the hydrocarbon charges in CHARMMS36 can be tuned to provide a more realistic
model for longer n-alkanes. With regards to miscibility, the Slipids simulations show
indeed a significant dependence of ¢. on n-alkane length, which we explain by the
interfacial energy penalty introduced by adding bulky, hydrophobic chains to the

lipid membrane.
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Atomistic MD Simulations of n-Alkanes in a Phospholipid

Bilayer: CHARMM36 versus Slipids

Anika Wurl+ and Tiago M. Ferreira*

Linear alkanes (n-alkanes) are chemically the most simple linear hydrophobic
molecules in nature. Studying the incorporation of n-alkanes into lipid
membranes is therefore a good starting point toward understanding the
behavior of hydrophobic molecules in lipid membranes and to assess how
accurately molecular dynamics models describe such systems. Here, the
miscibility and structure of different n-alkanes—n-decane (C10), n-eicosane
(C20), and n-triacontane (C30)—in dipalmitoylphosphatidylcholine
membranes are investigated using two of the most used force fields for lipid
membrane molecular dynamics simulations (CHARMM36 and Slipids). The

understood at the molecular level. Ex-
amples include the anaesthetic effect
of alkanes,'* the formation of lipid
droplets,[*%l or the potential effect of mi-
croscale and nanoscale plastics on cell
membrane structure.[-1%]

One important open question concerns
the solubility of hydrophobic molecules in
a membrane system. It is yet unclear how
the chemistry, size, and shape of hydropho-
bic molecules affect their structure, dynam-

n-alkanes are miscible in the membrane up to a critical volume fraction, ¢,
that depends on the force field interaction parameters used. ¢ is dependent
on alkane chain length only for the model with more disordered chains
(Slipids). Below ¢, a comparison with 2H nuclear magnetic resonance (NMR)
spectra indicates that a more realistic structure of the longer alkane molecules
(C20 and C30) is obtained using the Slipids force field. On the other hand, for
the shorter alkane (C10), Slipids simulations underestimate molecular order
and CHARMM36 simulations enable a precise prediction of its experimental
spectrum. The predicted 2H NMR spectra are highly sensitive to 1-4
electrostatic interactions, and suggest that a reduction of the partial charges
of the longer alkanes and acyl chains in CHARMM36 results in a better
performance. The results presented indicate that lipid membranes with
incorporated alkanes are highly valuable systems for the validation of force

fields designed to perform lipid membrane simulations.

1. Introduction

Many biological processes related to the incorporation of
hydrophobic molecules into cell membranes remain poorly

A. Wurl, T. M. Ferreira

NMR group - Institute for Physics

Martin Luther University Halle-Wittenberg

Betty-Heimann-Str. 7, 06120 Halle (Saale), Germany

E-mail: anika.wurl@physik.uni-halle.de; tiago.ferreira@ physik.uni-halle.de

The ORCID identification number(s) for the author(s) of this article
can be found under https://doi.org/10.1002/mats.202200078

© 2023 The Authors. Macromolecular Theory and Simulations published
by Wiley-VCH GmbH. This is an open access article under the terms of
the Creative Commons Attribution-NonCommercial-NoDerivs License,
which permits use and distribution in any medium, provided the original
work is properly cited, the use is non-commercial and no modifications
or adaptations are made.

DOI: 10.1002/mats.202200078

Macromol. Theory Simul. 2023, 2200078 2200078 (1 of 9)

ics, and partition in a lipid membrane.[1-13]
Exploring these dependencies by systematic
studies will help to understand their role in
biological processes as well as to guide the
development of lipid-based technologies.
Linear alkanes (n-alkanes) are the most
simple hydrophobic chain-like molecules in
nature for which extensive data has been
collected. Therefore, n-alkanes are a suit-
able starting point to address the prob-
lems introduced above. The solubility of n-
alkanes in many different solvents has been
determined as a function of alkane chain
length[*1¢] as well as the enthalpy of mix-
ing of various n-alkane binary mixtures.'’]
The available data shows that at higher tem-
peratures, the enthalpy of mixing of liquid
n-alkanes with different chain length be-
comes negative, that is, there is complete
miscibility.['®1°l The solubility of alkanes
in phospholipid membranes, pertinent to the biophysical ques-
tions outlined above, is however more intricate since the lipid
bilayer hydrophobic region is a nm-thick fluid possessing inter-
facial surface tension and a gradient of molecular order in the
direction of the bilayer normal.[?*-22l Depending on alkane chain
length and concentration, the complete mixing of alkanes with
the phospholipid acyl chains may imply a significant change of
both the surface area and the molecular order of the system.
Analogous to this problem, it is well known that the isotropic-
to-nematic transition of a nematogenic solvent with dispersed
flexible chains (including n-alkanes) induces phase separation,
and that the concentration of the flexible chains in the nematic
phase decreases with chain length.[2*%] In contrast to nemato-
gens, the acyl chains in a lipid bilayer have a high degree of
flexibility. Nevertheless, a similar dependence on n-alkane chain
length may emerge due to the fact that longer alkanes have a
stronger tendency to fold?! and thus perturb the lipid mem-
brane to a larger degree: Increased chain folding is expected to
lead to a larger increase in local interfacial area-per-phospholipid
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(APL) and therefore a higher increase of interfacial free
energy.

The solubility of alkanes with different chain lengths in lipid
bilayers has been investigated experimentally by different re-
search groups with apparently contradicting results. Previous
2H nuclear magnetic resonance (NMR) results reported by Pope
et al.,11?:28] indicate that n-alkanes longer than the lipid acyl
chains become immiscible. In contrast, we have recently demon-
strated that n-eicosane (C20) and n-triacontane (C30), with chain
lengths of 20 and 30 carbons, respectively, are miscible in di-
palmitoylphosphatidylcholine (DPPC) membranes (acyl chain
length of 16 carbons).*®! The origin of these contrasting ob-
servations is very likely the distinct sample preparation proce-
dure used, which we have observed to heavily influence the time
needed to attain thermodynamical equilibrium. In the previous
work, we showed that with a standard mixing procedure 30—
dissolution of n-alkane and phospholipid in organic solvent,
subsequent solvent evaporation, and hydration of the resulting
lipid film—it is possible to mix C30 with DPPC lipid mem-
branes up to an alkane-to-acyl chain volume ratio of ~5%.1>"]
This is the longest n-alkane that has been directly observed
in a lipid membrane to date. From our previous experimen-
tal results, it was apparent that the solubility of C30 in DPPC
lipid membranes is significantly lower compared to the solu-
bility of C20. However we cannot exclude an effect of the or-
ganic solvent used, that is, phase separation may occur during
the evaporation of the organic solvent, due to the distinct sol-
ubilities of alkanes!*®! and phosphatidylcholines,*!] leading to
a lipid/alkane film with an inhomogeneous distribution of the
two components.

Molecular dynamics (MD) simulations of alkanes in lipid
membranes can be used to circumvent such sample prepara-
tion shortcomings since the initial arrangement of molecules is
fully controlled. In a recent work, we used the CHARMM 36 force
field (f)*? for modeling DPPC bilayers containing n-alkanes,
assuming equivalent interactions for both n-alkanes and acyl
chains.[?! We had chosen CHARMM36 because of its gener-
ally good agreement with experimental NMR order parameters
of phospholipids.[**] Such a description led to the observation
of a critical n-alkane volume fraction ¢, at which the bilayer
APL reaches a maximum value, and above which alkane chains
start to accumulate between the bilayer leaflets.[*] ¢ was iden-
tical for 10 and 20 carbon long n-alkanes in contrast to their ex-
perimental apparent solubility. Comparison of these simulations
with 2H NMR experimental results however showed that, while
the CHARMM36 ff is suitable to model n-decane in a DPPC
membrane, it significantly overestimates the ordering of longer
n-alkanes (C20 or C30).[2%1 Ideally, to investigate the dependence
of ¢. on longer alkane chain lengths, one should therefore use a
more realistic model for these chains.

Another ff specifically designed to study lipid membranes is
the Slipids ff.3*35 The comparison of phospholipid order param-
eters with experimental data shows that the phospholipid head-
group structure is not as realistic as in CHARMM36.1333¢] How-
ever, since the Slipids ff was developed with particular focus on
lipid acyl chains by using a parametrization based on DFT calcu-
lations on hexadecane (partial charges), high level ab initio cal-
culations on octane (dihedral torsions) and a comparison with
thermodynamical and dynamical properties of bulk alkanes, it is
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a suitable alternative to CHARMM 36 for investigating the behav-
ior of n-alkanes in phospholipid bilayers.

In this work, we perform a systematic investigation of alkanes
with different chain lengths—n-decane (C10), n-eicosane (C20)
and n-triacontane (C30)—incorporated into DPPC membranes,
using both the CHARMM36 and the Slipids force fields. The
simulations show that the Slipids ff gives indeed, as expected,
more realistic estimates for C-H bond order parameters of the
longer n-alkanes due to a higher configurational entropy of the
chains. The main contribution for the different performance of
the two ffs is the strength of the electrostatic 1-4 interactions and
we demonstrate that by reducing the partial charges of the acyl
chains in CHARMMS36, a better agreement with the 2H NMR
spectra of C20 and C30 can be achieved. The dependence of ¢,
on alkane chain length is also investigated for both force fields.
¢ is indeed dependent on alkane chain length but not as strongly
as apparent from our previous experimental measurements. We
believe that the results shown will motivate new experiments (ex-
ploring the use of different organic solvents) and should be taken
as a valuable reference for future force field optimizations.

2. Results and Discussion

2.1. Slipids Simulations Predict the Structure of the Longer
Alkanes More Accurately

In order to determine if the Slipids force field results in a more
realistic structural behavior of the long n-alkane chains than
CHARMMS36, we simulated three n-alkanes with different chain
length in a DPPC bilayer and calculated the alkane C-H bond
order parameters. The comparison with experimental results is
shown in Figure 1. For reference, we also present the phospho-
lipid S¢j; magnitudes of a pure DPPC membrane (Figure 1B), to-
gether with experimental values from our group and from Seelig
etal.’7]

These profiles confirm that the CHARMM36 ff' reproduces
the phospholipid headgroup order parameters well. However,
the absolute acyl tail order parameters are somewhat larger than
the experimental values. This observation agrees with previous
findings,®” and is also indicated in the initial CHARMM36
publication:32] While Klauda et al. achieve very good agreement
with the 2H NMR order parameters using a fixed APL of 0.64 nm?
(NPAT ensemble, T = 50° C), their NPT simulation results in
a slightly decreased area-per-lipid (62.9+0.3 nm?), and conse-
quently higher ordering of DPPC acyl chains. We note here that
our order parameters were consistently larger than those ob-
tained by Klauda et al.l®?) (see Figure S1, Supporting Informa-
tion). This is expected as we are using a simulation software
different from the one used by Klauda et al. (GROMACS!*! vs
CHARMM™) as shown previously,*?! possibly due to different
switching functions implemented in the different programs. Re-
cently, a particle-mesh Ewald algorithm has been implemented
for the treatment of long-range dispersion eliminating the de-
pendence on the cut-off switching function and is expected to
improve the accuracy of lipid acyl chain order parametersl***4l
and liquid alkane properties.[*’] However, we find that the alkane
order parameters remain largely unaffected by slight variations of
the simulation settings, or even the lipid order (see below), and
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Figure 1. Comparison of simulated C—H order parameters calculated from
CHARMMS36 (red) and Slipids (blue) simulations with experimental ob-
servations. A) Chemical structures and labels for DPPC and the alkanes
studied. B) Comparison of |Sc| values calculated from CHARMM36 and
Slipids simulations of a pure DPPC bilayer (at excess hydration) with exper-
imental values.[2>38] C) Simulated and experimental 2H NMR spectra of
the three n-alkanes and corresponding order parameter profiles. Expected
order parameter profiles (gray) were estimated from the experimental 2H
NMR spectra (see Supporting Information for details). The temperature,
hydration, and alkane volume fraction of the systems are shown on the
top left corner of each spectra.
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thus we simply used the default simulation settings provided by
the CHARMM-GUI membrane builder.

Simulations with the Slipids ff result in a better agreement
with the experimental DPPC acyl chain order parameters as
expected,>**] but far worse order parameters for the headgroup
and glycerol carbons (compared to CHARMM36), as also shown
previously.*3] We note here that the updated (2020) version of
the Slipids ff' addresses the problem of the glycerol carbon or-
der parameters.3>] However, we did not use that version as we
are focusing solely on the hydrocarbon chains in this work. Fur-
thermore, a test on the DPPC/n-alkane systems with the 2020 ff
version yielded no improvement with regards to matching the
experimental n-alkane order parameters.

With respect to the n-alkane order parameters, both
CHARMM36 and Slipids only produce satisfactory results
for certain alkane lengths. This is shown in Figure 1C, which
compares simulated 2H NMR spectra (calculated from the
corresponding order parameter profiles) with experimental
spectra from deuterated alkanes (C10d, C20d, and C30d). The
manual fitting procedure used to obtain the experimental order
parameter profiles is outlined in Figure S2, Supporting Informa-
tion. The measurements were conducted at the same conditions
(hydration, alkane volume fraction, and temperature) as the sim-
ulations. For C10, the spectrum predicted by the CHARMM36
simulation matches the experimental spectrum nearly perfectly,
while the Slipids order parameters are closer to zero, resulting
in a spectrum which is much too narrow. For C20 and C30 on
the other hand, the quadrupolar splittings determined from the
Slipids simulations match the experimental result well, while
CHARMM 36 significantly overestimates these splittings.

The observed chain-length dependent performance of the two
force fields can be understood by looking more closely at the n-
alkane order parameter profiles in Figure 1C. The maxima of
the order parameter in the middle of the C20 and C30 chains
are notably higher in Slipids than in CHARMM36 simulations.
These maxima indicate that the alkane chains have a more dis-
ordered character and therefore fold more easily when using
the Slipids ff compared to CHARMM36. The higher conforma-
tional freedom is confirmed by the consistently smaller trans-
gauche ratio of the n-alkane carbon dihedrals in Slipids simu-
lations, as shown in Figure 2 . Similar observations have been
made by Hétgen et al.,l*®) who point out that gauche conforma-
tions are under-represented in the CHARMM?27 ff, a predecessor
of CHARMM36.

We have also performed simulations of neat alkanes to under-
stand how the trans-gauche ratios of the alkane chains vary from
bulk to the lipid bilayer and for experimental comparisons. Ex-
perimentally it has been determined previously by Mengers and
D’Angelo that the 3] of neat n-undecane at 25 °C in various
solvents was equal to 3.6+0.1 Hz which translates to a trans-
gauche ratio of 3.17 using a Karplus equation.[’] On the other
hand, Casal et al. show that about 3.5 gauche conformers can be
expected in a tridecane molecule at 30 °C, which equals a trans-
gauche ratio of ~2.4.1*8] This value is similar to the trans-gauche
ratios we obtained for bulk decane in CHARMM 36 simulations,
at the same temperature (see Figure S3, Supporting Informa-
tion), but probably underestimates the amount of gauche con-
formers, according to the authors. Using CHARMM?27, Klauda
et al. previously calculated trans-gauche ratios of ~2.0-2.5 for
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Figure 2. A) Trans-gauche ratios of the dihedrals along the alkane chains,
calculated for the systems compared in Figure 1. Open symbols mark val-
ues obtained from bulk alkane simulations (T = 50 °C for C10, C20 and
T = 70 °C for C30). B) Trans-gauche ratio along the DPPC acyl tails, w/o
alkane (T =60 °C, n,, = 19).

heptane,[*] while Thomas et al. observed higher amounts of
trans conformers in Monte Carlo simulations of n-alkanes up to
12 carbons in length (trans-gauche ratios of ~4.0).[5%!

In our simulations, the trans-gauche ratio of alkane molecules
calculated from bulk alkane systems is nearly the same as in
the lipid bilayers, as shown in Figure 2. In addition, these trans-
gauche are similar to those calculated for the lipid acyl tails, to-
ward the end of the tail. This is in line with the previous obser-
vation that the phospholipid acyl tails in a lipid bilayer have a liq-
uid like behavior very close to the behavior in bulk, as observed
from experimental NMR spin-lattice relaxation rates and MD
simulations.>!] We can thus conclude that the non-zero n-alkane
order parameters of alkanes within these lipid membrane mod-
els are mainly a result of overall anisotropic orientation, rather
than a combination of orientational and conformational effects.

We note that the simulations and experiments for C10, C20,
and C30 were conducted at different conditions, such as a very
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low level of hydration for the C10 system. While the CHARMM36
ff was tested and shown to provide good results at such low water
contents, 323336 the Slipids ff was not yet tested in this context
(to our knowledge). One could therefore suspect that the Slipids
order parameters of C10 would agree better with the experiment
at higher water contents. However, this is not the case, as shown
in Figure S4, Supporting Information.

2.2. Reducing the Partial Charges of Alkyl Chains in CHARMM36
Enables to Reproduce the ?H NMR Spectra of Long Alkanes

In this section we explore why the n-alkane chains behave dif-
ferently in the CHARMM36 and Slipids simulations. The S.
profile of saturated acyl chains is quantitatively related to the bi-
layer surface area as described in detail by Petrache et al.l’?] An
increase in surface area leads to more disordered acyl chains.
Therefore, our initial hypothesis was that the reduction of n-
alkane order parameters in Slipids simulations is a consequence
of the larger area per lipid obtained for the Slipids ff in com-
parison to CHARMM36.31 To test this hypothesis, we have per-
formed NPAT simulations at fixed surface areas per phospho-
lipid, equal to the average interfacial APL molecule, (A), deter-
mined from the simulations in the NPT for each force field. The
results are shown in Figure S5, Supporting Information. By per-
forming CHARMM 36 simulations at a constant surface APL cor-
responding to the value determined from the Slipids simulations,
(A)g,, a reduction of both the lipid and alkane order parameters
was indeed observed. However, for the alkane, the reduced (ab-
solute) order parameters were still notably larger than those ob-
tained from NPT Slipids simulations. In addition, alkane order-
ing in Slipids simualtions was not significantly affected by the
change in APL. This observation indicates that the reduced or-
dering of n-alkane molecules in the Slipids f is a consequence
of intramolecular interactions, rather than due to the different
interfacial free energy minima of the bilayers.

To further investigate the main source of the differences be-
tween the two force fields, we generated hybrid force fields
to describe acyl chains and alkanes by systematically replacing
some of the force field parameters of Slipids by parameters from
CHARMM36 and observe the effects on the alkane S, values.
The results are shown as Supporting Information (Figure S6,
Supporting Information) and can be summarized as follows: If
the Slipids scaling factors for the 1-4 Coulombic interactions
and for the 1-4 van der Waals (vdW) interactions are kept un-
changed (0.8333 and 0.5, respectively), nearly no changes are ob-
served in the S. profiles when substituting the Slipids ff pa-
rameters that describe the phospholipid acyl chains and alkanes
with the parameters from CHARMM36, namely the parameters
for dihedral torsions, Lennard—Jones (L]) interactions, and par-
tial charges. Nevertheless, in such conditions, certain trends can
be detected. The substitutions of the partial charges (from zero
to non-zero values in CHARMM36) and vdW parameters lead
to an increase in alkane order, while the substitution of the di-
hedral torsion potentials has the opposite effect. If all these pa-
rameters are changed simultaneously there is no meaningful
change of alkane order. In contrast, if in addition to the use of
the CHARMM36 partial charges one takes the scaling factor for
the 1-4 Coulombic interactions from CHARMM 36 into account,
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Figure 3. C—H bond order parameters A) for 10 vol% C20 in DPPC mem-
branes and B) for pure DPPC membranes, calculated from MD simula-
tions performed with the CHARMM36 and Slipids force fields, and by us-
ing CHARMM36 with the partial charges of acyl chains reduced by half (T
=60 °C, n,, = 18/19). The experimental order parameters were measured
by R-PDLF (ref. [29], 60°C, n,, = 16) and 2H NMR spectroscopy (ref. [37],
57 °C, excess hydration).

the increase of alkane order is greatly amplified, leading to Scy,
magnitudes higher than for CHARMM36. This observation en-
ables us to pinpoint the stronger 1-4 electrostatic interactions as
the source of the higher order in CHARMM36. This result is
in line with previous findings.l*6] We have therefore performed
CHARMM 36 simulations with a reduction of partial charges for
the alkanes and acyl chains. The results are shown in Figure 3.
This reduction of partial charges results in both the long alkane
and the acyl chain order parameter profiles becoming closer to
the experimental ones. This suggests that by scaling the set of par-
tial charges, it is possible to tune the force-field to yield a nearly
perfect match between the simulated and the measured alkane
2H NMR spectra. We refrain from doing this here.

It is not clear to us how the partial charges for acyl chains in
the CHARMM36 ff were defined originally. They can be traced
down as far as to the work by Feller and Mackerell in 2000, but
very likely they have been already defined in the first atomistic
CHARMM force field in the early 1990s.54 The Slipids force field
uses partial charges averaged from DFT calculations performed
on the most probable alkane structures from an iterative proce-
dure using bulk MD simulations.[** It is possible, as indicated
by the results shown here, that a reduction of the partial charges
in CHARMM36 leads to more realistic models. Such a hypoth-
esis needs to be assessed by means of experimental observables
other than the C-H bond order parameters. For instance, the val-
idation of dynamics time-scales can be done by measuring NMR
relaxation rates from these systems to enable comparisons with
the MD predictions, as demonstrated previously.323655] Never-
theless, an important remark is that here the use of the alkane
order parameters as target experimental observables (i.e., the
fitting target) for tuning the CHARMM36 force field leads to
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a better match also for the DPPC acyl chain order parameters
(which were not taken into account for the optimization) as can
be seen in Figure 3B. The parametrizations of common lipid
force fields have mostly been done by considering structural and
thermodynamical observables from single component systems,
or binary systems containing cholesterol.5®’] We believe that
for future ff optimizations, the use of experimental data from
alkane/phospholipid mixtures should be taken as a valuable as-
sessment tool, especially considering the chemical equivalence
of alkanes to acyl chains, and the highly entropic (positional and
conformational) nature of alkanes in a lipid bilayer in contrast to
the rigid nature of cholesterol molecules.

2.3. The Effect of Alkane Chain Length on Alkane-Lipid Miscibility
Depends on the Force Field Used

In order to investigate the effects of the alkanes on simple proper-
ties of the model lipid bilayers, and how such properties depend
on chain length and interaction parameters, we conducted addi-
tional MD simulations at identical (NPT) conditions for the three
n-alkanes for a range of alkane volume fractions (0-30 vol% of n-
alkane each). We simulated two groups of systems, one group
in a low hydration regime (n,, = 7) and a second group with a
number of water molecules between bilayers closer to the excess
water limit (n,, = 19). Figure 4 shows the variation of bilayer thick-
ness and APL on alkane volume fraction for all simulations. Ev-
ery plot also shows the calculated values for the average quantity
corresponding to the bilayer without alkane. From these values
it is clear that by using the CHARMM36 interaction parameters,
one predicts more ordered membranes (lower average area and
higher thickness) than Slipids. As mentioned above, using the
LJ-PME option could improve the accuracy of the APL obtained
from CHARMM36 simulations. Rather than trying to use the op-
timal settings for CHARMM36 simulations, we here choose to
use identical simulation settings for both the CHARMM36 and
Slipids interaction sets, such that the differences observed be-
tween models depend only on interaction parameters. The simu-
lation settings used for the CHARMM 36 simulations were there-
fore the same as the settings described in Table 1 for Slipids.
No significant differences for the order parameters obtained with
these settings have been found as shown in Figure S1, Support-
ing Information.

The bilayer thickness, here defined as the average distance be-
tween the phosphor planes of the two leaflets, increases in nearly
exactly the same manner for the three n-alkanes, irrespective of
the set of interaction parameters used and of the hydration state
of the system. Generally, the thickness increase per added alkane
becomes larger with increasing alkane content. This is in line
with our previous results using the CHARMM36 ff.12] The APL
increases with alkane concentration for both hydration levels and
force fields toward a maximum value that we define as ¢.. This
observation is similar to what we found previously, and signals
that the alkane molecules partition primarily into the acyl chain
region below ¢, while at higher concentrations the molecules
accumulate more and more in the bilayer center.!®! At ¢, the
maximum APL is largest for C10 and smallest for C30 for both
force fields. Taking the thickness dependence into account, this
means that the bilayers with C10 and C30 have the lowest and
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Figure 4. Variation of the simulated DPPC APL and bilayer P—P thickness relative to the value for pure DPPC, as a function of alkane concentration and
for different alkane lengths. Results from using the CHARMM36 and Slipids interaction sets (using the same simulation conditions), and different levels
of hydration (n,, = 7 and 19) are compared in the different columns. The temperature was set to 70 °C in all simulations. Errorbars are approximately

the size of the symbols, but are not shown here for clarity.

Table 1. MD simulation settings used in this work, except for CHARMM36
simulations used to make Figure 4 and Figure S6, Supporting Information,
which had the same simulation settings as for Slipids simulations..

Programs CHARMM36 Slipids
Cutoff-scheme Verlet Verlet
vdw_modifier Force-switch None

rvdw [nm] 1.2 12
rvdw_switch [nm] 1.0

coulombtype PME PME
rcoulomb [nm] 1.2 1.4

tcoupl Nose-Hoover v-rescale
tau_t [ps] 1.0 0.1

pcoupl Parrinello-Rahman Parrinello-Rahman

tau_p [ps] 5.0 1.0

highest density, respectively. For simulations with CHARMM36,
¢. is independent of chain length and is ~20 vol%. For sim-
ulations with Slipids, and at higher hydration, ¢, depends on
alkane chain length with ¢, between 20 vol% and 30 vol% for
C10, ¢, ~20 vol% for C20, and to 15 vol% for C30. At lower hydra-
tion, the differences of ¢, for the distinct chain lengths obtained
with Slipids are attenuated. Above ¢, particularly for long alka-
nes and low water contents, the APL drops from 20 to 30 vol%
of alkane.

Due to the pure hydrophobic nature of the alkanes, an increase
of local area leads to more hydrophobic contacts between water
molecules and the hydrophobic region. At ¢, addition of decane
results in the largest areas, that is, at the same volume fraction,
smaller chains induce a higher increase of interfacial area. As the
alkane gets longer, bulky U-shape conformations will occur that
induce a higher fluctuation of the local area. Assuming a simple

Macromol. Theory Simul. 2023, 2200078 2200078 (6 0f9)

parabolic interfacial free energy,[?! the mixing of bulkier chains
will therefore lead to a higher penalty of free energy which may
disfavor such bulky conformations, leading to a lower average
area for membranes with C30. The dependence of ¢, on chain
length for the Slipids force field, in contrast to the results from
CHARMM36, might also be directly related to the more disor-
dered character of the alkane chains. The chains in Slipids have
a higher propensity to fold, as shown in Figures 1 and 2, and this
should lead to a stronger increase of local interfacial APL when
the chain is located between acyl chains. The effect is however
smaller than what is expected from experiments (¢p. ~ 4-5 vol%
for C301%]). Nevertheless, such dependence of ¢ on alkane chain
length is qualitatively predicted by the Slipids model. ¢, values
calculated for C20 from both force fields are notably close to the
apparent values from our previous experiments.?]

¢, should mainly result from the increase of interfacial free
energy. If we assume the apparent experimental solubility of hy-
drophobic molecules in a lipid bilayer to be directly related to
¢., the comparison of ¢, with solubility for different hydropho-
bic molecules becomes a highly valuable observable for valida-
tion of lipid membrane simulations. We must note here again
that it is not clear to us if the experimental values for solubility
that we previously measured depend on the sample preparation
procedure. New experiments using a range of different sample
preparation methods (e.g., different mixing temperature and or-
ganic solvents) need to be performed in this context. Several ob-
servables have been used to validate force fields for describing
bulk alkanes!***8-%0] and phospholipid bilayers.[3*#535461] If the
assumption that the apparent solubility observed in NMR exper-
iments and ¢, are the same is indeed correct, a comparison of ¢
with solubility measurements would put the delicate balance of
interactions that determines the surface tension described by a
force field also to the test, as well as the transferability of interac-
tion parameters from alkanes to acyl chains and vice-versa.
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The description presented here concerns the behavior ob-
served from computational models assuming an equivalent rep-
resentation of the alkane chains irrespectively of their length.
This seems to be a reasonable assumption for the longer n-
alkanes such as C20 and C30, based on the C-D order pa-
rameter profiles calculated from the Slipids simulations which
match well with all the experimental NMR values determined so
far. Slipids however fails to describe the experimental order pa-
rameters of decane molecules which indicates that the assump-
tion for equivalent representations of the alkane chains, start-
ing from the shortest alkanes, may not be possible. This is in
line with previous results from computational studies on bulk
alkanes.®%]

3. Conclusions

In this manuscript, we compared two state-of-the-art lipid force
fields with respect to their ability to describe n-alkanes of different
lengths inside a lipid bilayer environment at different concentra-
tions. Using 2H NMR order parameters as the main validation
observable, we show that the force field performance varies sig-
nificantly with alkane chain length. CHARMM36 modeled only
small concentrations of C10 in DPPC accurately, while Slipids
reproduced the experimental order parameters of C20 and C30
well. By selectively modifying individual ff parameters, we iden-
tify the electrostatic 1-4 interactions as the main factor influenc-
ing alkyl chain ordering, at least within the parameter ranges
used by the CHARMM36 and Slipids ffs. This is in line with
previous observations.[**%2] In the Slipids ff, these 1-4 interac-
tions are virtually absent since the partial charges of most car-
bons are zero, resulting in more flexible chains compared to
CHARMM36. Because of the more disordered character of the
alkyl chains in Slipids, the 2H NMR data is well predicted for the
longer alkanes with this force field. However, we also show that
the CHARMM36 ff can be adapted to give order parameters sim-
ilar to Slipids simulations, and to predict the ’H NMR measure-
ments, by reducing the partial charges of the alkanes and lipid
acyl chains.

The two force fields predict a distinct dependence on alkane
chain length for ¢, the volume fraction at which the APL reaches
a maximum with alkane incorporation. ¢, should be a conse-
quence of the interfacial free energy and therefore of the delicate
balance between the interactions modeled, and defines the solu-
bility of alkanes in the acyl chain region. We believe that the com-
bination of a large set of lipid membrane simulations, with a va-
riety of alkane/phospholipid mixtures, with the measurement of
experimental observables on the corresponding systems (alkane
and phospholipid order parameters, X-ray scattering form fac-
tors, solubility measurements) would be an invaluable toolkit for
force field optimization. The results shown here, particularly for
the long alkanes are very encouraging.

The results and discussion presented here should be of general
interest for the optimization of MD simulations of lipid mem-
branes, and in particular for future investigations of hydropho-
bic macromolecules inside lipid bilayers, as well as for the re-
emerging interest on the behavior of triglycerides inside lipid
membranes in connection to lipid droplet formation in cellu-
lar membranes.
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4. Experimental Section

Simulation Setup: Atomistic molecular dynamics simulations were
performed using the GROMACS softwarel*?] (version 2018.7). The inves-
tigated systems consisted of DPPC bilayers containing either C10, C20,
or C30. The compositions used in this work are described in detail below
and in Table S1, Supporting Information. Most DPPC/C10 and DPPC/C20
topologies were reused from a previous publication.?°! For the remain-
ing systems the setup proceeded accordingly: the initial DPPC topology
was downloaded from open access data made available by the NMR-
lipids project (nmrlipids.blogspot.fi)l63] and equilibrated. Alkane topolo-
gies were designed using Molden,[®] equilibrated in bulk, and the nec-
essary number of alkane molecules was placed between the two bilayer
leaflets. Then the mixtures were hydrated to the desired amount of water
and re-equilibrated at the desired temperature. Several systems were ex-
panded to a total of 288 lipids in order to improve the statistics for the
analysis of alkane trajectories (for low alkane volume fractions), and to ex-
clude interactions between different images of the same moleculel®3 (for
C30). For CHARMM36[3263] simulations, the DPPC force field was also
taken from the open data by Miettinen and Ollila.[%3] Water molecules were
described by the CHARMM TIP3P model.[%667] For Slipids simulations,
the DPPC parameters published as Supporting Information in the origi-
nal Slipids publication were used.3*] In all simulations, alkane molecules
were described by exactly the same force field parameters as the lipid
acyl chains.

All simulations consisted of up to three runs (100 ns each), using
a leap-frog integrator and 2 ps time steps. Most simulations were con-
ducted in isothermic—isobaric (NPT) ensembles, except for two cases
were the x and y box lengths were fixed (NPAT ensemble). Particle mesh
Ewald was used for long-range electrostatics, and a fourth order LINCS
correction for proton bond constraints. The detailed settings chosen for
CHARMM36 and Slipids simulations are listed in Table 1. Details on the
different algorithms used can be found in ref. [68] and references therein.
CHARMM36 settings were based on the output of the CHARMM-GUI
membrane builder.[41426°] The main simulation results are made avail-
able open source in the zenodo repository. These systems are summa-
rized in Table S1, Supporting Information and can be accessed using the
following DOI: https://doi.org/10.5281/zenodo.7572990. Additional sys-
tems discussed in the article include: 1) Pure, liquid n-alkanes C10, C20,
and C30 (200 molecules per box), simulated at 298 K (C10), 323 K (C10 and
C20), and 343 K (C30). Here, for both CHARMM36 and Slipids, the mod-
ified Berendsen thermostat (“v-rescale”) with a time constant 7,=0.1 ps,
and the Parrinello-Rahman barostat with a time constant 7,=1.0 ps were
used. 2) 10 vol% C20 in an NPAT ensemble, at two different areas-per-
phospholipid (0.642 and 0.682 nm?, T = 60 °C, n,, = 18), simulated using
both CHARMM36 and Slipids. 3) 10 vol% C20 and pure DPPC at T = 60
°C, n,, = 18, using CHARMM36 with the acyl chain charges of both alkane
and lipid reduced by half. 4) A range of n-alkane simulations using identi-
cal conditions for CHARMM36 and Slipids (i.e., using the Slipids settings
in Table 1 for CHARMM36 also). The investigated alkane concentrations
were 0-30 vol% for C10, C20, and C30, at T = 70 °C and n,, = 7/19. This
data is not included in the zenodo repository but can be made available
upon request.

Analysis of MD Simulations: The first 100 ns of each simulation were
excluded from the analysis, and only 10 ps time steps were considered. The
simulated trajectories were processed using Python’s MDTraj library.l0]

C—H bond order parameters Sc; were calculated according to

Sepy = %(3c0529 N )

where 0 is the angle between the bilayer normal and the C—H bond vec-
tor, and angular brackets denote an average over simulation time and
molecules. After calculating the order parameters for every carbon posi-
tion along the n-alkanes, the corresponding 2H NMR signals were calcu-
lated by summation of the individual signal contributions of the carbons
(accounting for powder averaging and T, relaxation), and finally the 2H
NMR spectra were obtained by Fourier transform of the calculated NMR
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signal. Trans-gauche ratios of the carbon dihedrals of the n-alkanes were
calculated by determining the dihedral angles ¢ (values in [0,180]) and
assigning 59° <¢ < 61° to the g + and g — configurations, and 179°<¢
to the t configuration. Trans-gauche ratios of equivalent dihedrals (both
ends of the alkane molecules) were averaged. APL was defined as the time-
averaged area of the simulation box divided by the number of lipids per
leaflet, and the P—P bilayer thickness was calculated from the time- and
ensemble-averaged distance between the two phosphor planes. The stan-
dard error of the mean of these time-averaged quantities was estimated
via the block-averaging method.!”"]

Experimental Data:  The experimental data from 2H and "H-"*C NMR
measurements presented for comparison and assessment of the quality
of the MD simulations was reused from a previous publication by our
group.[?®] Details on sample preparation and experimental setup can be
found therein.

Supporting Information

Supporting Information is available from the Wiley Online Library or from
the author.
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Paper II: Supporting Information

5.2.1 Paper II: Supporting Information

Additional tables and figures referred to in paper II, as published in reference [38].
No changes were made.

n-alkane | Number Number Alkane Alkane Number Dy T [K] ff simulated
of alkane | of DPPC volume mole of water time [ns]
molecules | molecules | fraction fraction molecules
0 72 0% 0% 2160 30 323.15 C36 100
0 72 0% 0% 1329 18.5 333 C36 300
0 72 0% 0% 1329 18.5 333 Slipids 300
C10 26 72 10% 27% 504 7 333 C36 300
C10 26 72 10% 27% 504 7 333 Slipids 300
C10 7 72 25% 52% 1362 19 333 C36 300
C10 7 72 25% 52% 1362 19 333 Slipids 300
C20 12 72 10% 14% 1153 16 333 C36 300
C20 12 72 10% 14% 1153 16 333 Slipids 300
C20 12 72 10% 14% 1291 18 333 C36 200
C20 12 72 10% 14% 1291 18 333 Slipids 300
C30 16 288 5% 5% 4321 15 343 C36 300
C30 16 288 5% 5% 4321 15 343 Slipids 300

Table S1: Overview of the simulated systems. Alkane volume fraction is defined as
the alkane-to-lipid acyl tail ratio, while the alkane mole fraction refers to the ratio
of alkane to non-water (alkane plus lipid) molecules.
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Figure S1: DPPC and n-eicosane order parameters obtained with different cut-off
settings for the Lennard-Jones potential: hard cut-off at 1.2nm (open squares)
and using a force switch between 1.0 and 1.2nm (filled red squares). (A) Pure
DPPC at T=50°C, ny,=30, compared to results by Klauda et al. [287], at identical
conditions. Note that the order parameters in this work are the average of the sn-1
and sn-2 chains. The area-per-phospholipid in our simulations was calculated to
60.84:0.3 nm?, while Klauda et al. achieve 62.94:0.3 nm?. Using a force switch range
of 0.8-1.2nm did not improve the agreement, so we refrained from including these
datapoints in the plot. (B) 10 vol% C20 in DPPC, T=60°C, n,=19.
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Figure S2: Estimation of |Scy| profiles from the experimental 2H NMR spectra mea-
sured previously [37]. The ?H NMR spectra (grey, left column) were manually fitted
by guessing the C-H bond order parameter profile of the alkane chains (pink, right
column) and summing-up the individual signal contributions (including a powder
average and a relaxation time of To=2ms.). The assignment of the individual order
parameters to the carbon indices was based on the shape of the profiles obtained
from the MD simulations. The agreement between the manual fit and the experi-
mental 2H spectra was very sensitive to slight changes in order parameter magnitude
(of the order of 0.002), thus the fitted profile should be reasonably correct.
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Figure S3: Trans-gauche ratios determined from n-decane molecules simulated as
a neat liquid at two different temperatures, using CHARMMS36 (red) and Slipids
(blue).
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Figure S4: Comparison of experimental [37] and simulated *H NMR spectra of
25vol% C10d in DPPC at a higher hydration level (experiment: excess water, sim-
ulation: ny=19). The center peak in the experimental spectrum is most likely due
to vesicles that are small enough for isotropic averaging of the ?H quadrupolar cou-

plings.
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Figure S5: Effect of using a constant area-per-lipid in CHARMMS36 and Slipids
simulations of 10vol% C20 in DPPC. (A) Distribution of area-per-lipid values in
the "standard” NPT simulations. (B) DPPC |Scu| profiles from CHARMMS36 or
Slipids simulations calculated from the NPT simulation (”variable area”), and from
NPAT simulations at two different areas: area-per-phospholipid (A)g;, =0.682 nm?
and (A)qzg =0.642 nm?, roughly equal to the maxima of the distributions shown
in (A). Open symbols represent results obtained from using the other forcefield’s
area-per-lipid. (C) The same as (B), but for n-eicosane order parameters.
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Figure S6: The variation of the C20 |Scy| profile induced by modifications of ff
parameters in Slipids and CHARMM36 simulations of DPPC/C20 bilayers. The
filled circles and squares denote simulations performed with the original Slipids and
CHARMMS3G6 ffs, respectively.

Modifications to Slipids (open circles): C36-dih - denotes that all the acyl chain
dihedral torsion potentials were replaced by the CHARMMS36 potentials; C36-LJ
- denotes that all the non-bonded Lennard Jones interaction parameters of atoms
in the acyl chains were replaced by CHARMMS36 parameters; C36-QQ - denotes
that all the partial charges in the acyl chains were replaced by the values used in
CHARMM36; C36-all - all the dih, LJ and QQ modifications previously described
were done; C36-all-fudgelLJ - the same as C36-all but not using the Slipids scale
factor for the 1-4 vdW interactions; C36-QQ-fudgeQQ - the same as C36-QQ but
not using the Slipids scale factor for the 1-4 electrostatic interactions; C36-QQ-
LJ-fudgeQQ/LJ - combining C36-QQ-fudgeQQ with C36-LJ using no scalling
factor for the 1-4 vdW interactions; C36-QQ-dih-fudgeQQ/LJ - combining C36-
QQ-fudgeQQ with C36-dih using no scalling factor for the 1-4 vdW interactions;
C36-all-fudgeQQ/LJ - the same as C36-all but not using scaling factors for 1-4
interactions.

Modifications to CHARMMS36 (open square) - CHARMMS36 with replacing all the
partial charges in the acyl chains by the ones in Slipids. Note that the CHARMMS36
simulations performed for this plot were done using the same settings as for Slipids,
similarly to the simulations used in Figure 4 of the main text.
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5.3 Paper III: Crystallization of n-alkanes under

anisotropic nanoconfinement in lipid bilayers®

In papers I [37] and II [38] it was shown that C20 and C30 can indeed be incorporated
into phospholipid bilayers, up to a certain amount. However, n-alkane/lipid mix-
tures had only been studied at temperatures above the melting temperatures of the
respective n-alkanes and lipids. Since these temperatures are generally higher than
room- or body temperature, it is of interest to examine the behaviour of these sys-
tems at lower temperatures. Consequently, the question arises whether n-alkanes
will crystallize inside the lipid membranes once the experimental temperature is
lowered below the crystallization temperature. Other possible scenarios include the

inhibition of crystallization, or the expulsion of n-alkanes from the lipid bilayers.

The following paper answers this question for the n-alkanes C20 and C30 by means
of 2H and 'H NMR spectroscopy, differential scanning calorimetry, and X-ray scat-
tering. Saturated (DMPC and DPPC) and unsaturated (DOPC and POPC) lipid
membranes are studied. We show for the first time that hydrophobic chains such as
C20 and C30 can indeed crystallize inside lipid membranes, under certain conditions.
C30 crystallizes in DMPC and POPC bilayers, while C20 only crystallizes in an un-
saturead lipid bilayer with lower phase-transition temperature. In DMPC on the
other hand, C20 molecules become trapped in the lipid gel-phase upon cooling and
do not crystallize. Further investigation of C30 in DMPC showed that when 5 vol%
of C30 are added to the membrane, about 64-72% of n-alkane molecules crystallize
inside the membrane. The mixed chains exhibit slightly reduced phase transition
temperatures. In the membrane, the formation of the rotator phase upon crystal-
lization occurs via a two-step process: Pre-organized n-alkane chains assemble in
rotator-phase crystallites just as fast as bulk C30, but further addition of molecules
to the rotator-phase crystal is slowed significantly. An intermediate crystal form is

shown to persist in the membrane for longer times, compared to bulk C30.

The author contributions to this article are as follows: AW and TMF designed
and managed the project. AW prepared the samples and performed and analyzed
the NMR measurements. MO and AW performed and analyzed the X-ray scattering
experiments. AW performed and analyzed the DSC experiments with guidance from
CS. All authors interpreted and discussed the results. AW and in part TMF wrote
the manuscript, with input from MO and CS.

3This article [Anika Wurl, Maria Ott, Christian Schwieger and Tiago M. Ferreira,
DOI: 10.26434/chemrxiv-2023-1jjt7 (2023)] [39] is a preprint article published on
ChemRxiv under the terms of the Creative Commons Attribution 4.0 License, which
permits use and distribution in any medium, provided the original work is properly
cited. The article can be accessed on the preprint server using the following link:
https://doi.org/10.26434 /chemrxiv-2023-1jjt7 . No changes were made.
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Crystallization of n-alkanes under anisotropic nano-confinement in lipid bilayers

Anika Wurl,"* Maria Ott,> Christian Schwieger,® and Tiago M. Ferreira'- f

'NMR group - Institute for Physics, Martin Luther University Halle-Wittenberg
2Department of Biotechnology and Biochemistry, Martin Luther University Halle-Wittenberg
3Institute of Chemistry, Martin Luther University Halle-Wittenberg
(Dated: December 19, 2023)

Understanding crystallization behaviour is integral to the design of pharmaceutical compounds for which
the pharmacological properties depend on the crystal forms achieved. Very often, these crystals are based on
hydrophobic molecules. One method for delivering crystal-forming hydrophobic drugs is by means of lipid
nanoparticle carriers. However, so far, a characterization of the potential crystallization of fully hydrophobic
molecules in a lipid environment has never been reported. In this work we investigate the crystallization be-
haviour of two model hydrophobic chains, n-eicosane (C20) and n-triacontane (C30), in phospholipid bilayers.
We combine static H nuclear magnetic resonance (NMR) spectroscopy and differential scanning calorimetry
(DSC) and show that C30 can indeed crystallize inside DMPC and POPC bilayers. The phase transition tem-
peratures of C30 are slightly reduced inside DMPC, and rotator phase formation becomes a two-step process:
Pre-organized n-alkane chains assemble in rotator-phase crystallites just as fast as bulk C30, but further addition
of molecules is notably slower. Under the same isothermal conditions, different crystal forms can be obtained
by crystallization in the membrane and in bulk. In excess water conditions, homogeneous nucleation of C30
is observed. The initial anisotropic molecular arrangement of C30 molecules in the membrane is readily re-
covered upon reheating, showing reversibility. The shorter C20 molecules on the other hand become trapped
in the DMPC membrane gel-phase upon cooling and do not crystallize. This work marks the first observation
of the crystallization of hydrophobic chains inside a lipid bilayer environment. As such, it defines a funda-
mental starting point for studying the crystallization characteristics of various hydrophobic molecules in lipid

membranes.

INTRODUCTION

From a biophysical perspective, the interactions between
hydrophobic molecules and cell membranes are integral to a
variety of open questions, such as lipid droplet formation [1—
3], the effect of micro- and nanoplastic pollution on living
cells [4, 5] or nanoparticle design for drug delivery [6-9]. Var-
ious drugs show crystal polymorphism and the crystal proper-
ties are often related to stability and performance [10]. More-
over, such drugs can potentially crystallize inside their carrier
nanoparticles [10—12] or in a biological environment [13]. Itis
therefore essential to understand the crystallization behaviour
in detail, such that one may control it. However, we still lack
understanding of allegedly simple scenarios. For example,
to our knowledge, the potential crystallization of purely hy-
drophobic, chain-like molecules inside a lipid membrane has
never been reported.

The nano-confinement realized by lipid bilayers presents
a unique system that is of fundamental interest for crys-
tallization studies, since the lipid membrane resembles an
anisotropic solution featuring a gradient of molecular order.
This type of confinement is substantially different from the
confinement in emulsion droplets, nanoparticles or porous
materials. The interaction of purely hydrophobic molecules
with lipid membranes has been addressed in a number of sim-
ulation studies, many of which were inspired by the increas-
ing accumulation of nanoplastics in the environment [14—19].
However, there is a lack of experimental studies related to
this topic, partly due to the fact that such systems are chal-
lenging to prepare experimentally. In contrast to the partial
insertion of amphiphilic or polyphilic molecules, the addi-
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tion of purely hydrophobic polymers often leads to pore for-
mation in the membrane, or phase separation of the compo-
nents [20]. The first experimental studies date back to the
1980s with the work of Pope and coworkers on the inclusion
of n-alkanes in lipid membranes. These studies suggested that
n-alkanes with chain lengths higher than 18 carbons are nearly
immiscible with the lipid acyl tails. Later, squalane has been
found to incorporate in the bilayer center of DOPC/DOPG
membranes [21] and Bochicchio et al. demonstrated the
effect of polystyrene 25-mers on DPPC membrane dynam-
ics, thermal and mechanical properties using calorimetry, X-
ray and neutron scattering [5]. Very recently, we showed
with 2H NMR that about 3-5vol% of n-triacontane (C30) can
be incorporated into dipalmitoylphosphatidylcholine (DPPC)
or dimirystoylphosphatidylcholine (DMPC) membranes [22].
This system is a perfect starting point for investigating the
crystallization of hydrophobic, chain-like molecules inside
lipid membranes.

The crystallization behaviour of bulk n-alkane itself is no-
table due to the existence of the so-called rotator phases,
which may be formed prior to the crystalline phase upon cool-
ing [23, 24]. These rotator phases are defined by a rotational
freedom along the long axis of the molecules, while the posi-
tional long range order is retained along all dimensions. Con-
sequently, the rotator phases are similar to the lipid gel phases
that are formed between the liquid-crystalline and crystalline
phases in lipid bilayers [25]. The occurence, stability and na-
ture of the rotator phases strongly depends on the length of the
n-alkanes, as has been reviewed in detail by a number of au-
thors [23, 24, 26]. n-Alkanes with stable rotator phases crys-
tallize via rotator phase nuclei, before transforming into the

https://doi.org/10.26434/chemrxiv-2023-ljjt7 ORCID: https://orcid.org/0000-0002-6785-9296 Content not peer-reviewed by ChemRxiv. License: CC BY 4.0



low-temperature crystal form [27, 28]. C30 in particular ex-
hibits two stable rotator phases, namely RIII and RIV, which
are characterized by different chain tilt directions and triclinic
and monoclinic lattices, respectively [24, 29, 30].

The crystallization of n-alkanes has been investigated in a
number of confinement geometries [24, 31, 32]. The confine-
ment in nanopores or microcapsules results in a stabilization
of rotator phases in general, and transient or metastable rota-
tor phases in particular [31, 33-36]. The same studies showed
that n-alkane phase transition temperatures are reduced in-
side nanopores. In n-alkane mixtures, both alkanes only co-
crystallize if one alkane is no more than 22% longer than
the other [37]. If one n-alkane is much shorter and acts as
a solvent for the other, the crystallization temperature of the
longer alkane has been found to be significantly reduced [38].
While there are numerous studies investigating the organiza-
tion of shorter n-alkanes in lipid membranes [39-44], we are
not aware of any studies reporting on the crystallization of n-
alkanes (or other purely hydrophobic molecules) inside lipid
membranes. Filling this obvious gap will be beneficial for bet-
ter understanding more complex biological problems such as
the crystallization of drugs in lipid/polymer nanoparticles or
the role of triglycerides in lipid-droplet formation.

In this work we study two n-alkanes, n-eicosane (C20) and
n-triacontane (C30) inside different phospholipid membrane.
We show in which mixtures crystallization of the n-alkanes
occurs, and highlight the differences between crystallization
in bulk and inside the lipid membrane for C30.

METHODS
Sample preparation

1,2-dimyristoyl-sn-glycero-3-phosphocholine  (DMPC), DMPC
with perdeuterated acyl tails (DMPC-d54), 1,2-dipalmitoyl-sn-
glycero-3-phosphocholine (DPPC), DPPC-d62, 1-palmitoyl-2-
oleoyl-sn-glycero-3-phosphocholine (POPC) and 1,2-dioleoyl-sn-
glycero-3-phosphocholine (DOPC) were obtained from Avanti Polar
Lipids. Hydrogenated and perdeuterated n-eicosane (C20/C20d)
and n-triacontane (C30/C30d), methanol and chloroform were
obtained from Sigma Aldrich. Multilamellar vesicles (MLVs) of
phospholipids containing n-eicosane or n-triacontane were prepared
by first co-dissolving the lipid and 10 and 5vol% of n-alkane
(for C20 and C30, respectively) in chloroform. Here, the volume
fraction refers to the number of alkane carbons per total number
of carbons in alkane plus lipid acyl tails. The solvent was then
evaporated under a nitrogen gas stream to produce a dry lipid film.
During evaporation, the solution was simultaneously subjected to
sonication in a heatbath that was kept at a temperature above the
bulk n-alkane melting and the lipid bilayer melting temperatures.
The resulting lipid films were kept at reduced pressure over night to
remove any remaining solvent. Samples containing DMPC, POPC
or DOPC were rehydrated in a high humidity atmosphere: Lipid
films and about 2ml of water were placed in a desiccator. The
desiccator was then evacuated by briefly attaching it to a vacuum
pump, until the water had de-gased. Time spent in the evacuated
desiccator varied between four hours and one day for the different
samples. This technique resulted in homogeneous hydration of
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about 9-20 water molecules per lipid (values determined by ‘H
MAS NMR were typically lower by 5 water molecules per lipid,
compared to the weighted amounts). For the DPPC-based films,
the desiccator method only resulted in about 4 water molecules per
lipid. Therefore, water content in DPPC samples was adjusted by
weighting the appropriate water amounts, aiming for a water content
of 18 water molecules per lipid. This procedure resulted in hydration
levels of ny=11-18, as determined by 'H MAS NMR. All samples
were frozen before and between measurements. For NMR, samples
were centrifuged into magic-angle-spinning (MAS) rotor inserts
(Bruker) fitting approximately 20 mg.

Solid-State NMR Experiments

All measurements were conducted on a Bruker Avance III 400
spectrometer operating at a *H Larmor frequency of 399.92 MHz
(equal to a 2H Larmor frequency of 61.40 MHz). Data processing
was conducted in Matlab. Temperature-dependent measurements
were performed in between 10 and 85°C (the exact range being
determined by the main phase transition temperatures of the sam-
ple components). Sample temperature was thereby based on setup-
specific calibrations with ethylene glycol, and samples were heated
and cooled at constant rates (realized by the Bruker software), usu-
ally 1 or 2K/min. 'H MAS measurements were conducted at 5 kHz
MAS using a standard 4 mm double-resonance MAS probe. Single-
scan 'H spectra had a spectral width of 100kHz. Free-induction de-
cays (FIDs) were zero-filled, Fourier-transformed, and the lipid and
water peaks were fitted with Lorentzian lineshapes to calculate the
water content from the peak integrals. A 5mm broad-band probe
was used for static 2H NMR experiments, employing a quadrupole
echo sequence [25]. The echo delay was 40 us, the relaxation de-
lay was 1s (or 50s in a select case), and the 90° pulse width was
around 4.3 or 6.0 us. Dependent on sample composition and tem-
perature/quadrupolar coupling strength, 1024 to 81920 scans with a
spectral width of 1 MHz were acquired for each spectrum. The FIDs
were processed and Fourier-transformed using Matlab, starting from
the echo maximum.

Wide-angle X-ray scattering (WAXS)

WAXS measurements were performed on two samples of C20 in
DPPC (10 and 25vol% of n-alkane), and a DPPC reference sam-
ple. Additional water was added to the samples subjected to WAXS,
resulting in a final lipid concentration of about 150 =% . The disper-
sions were vortexed and filled into borosilicate glass capillaries (from
Hilgenberg (Maisfeld, Germany); 1 mm outer diameter and 0.01 mm
thickness). The experimental setup is described in detail in our previ-
ous publication and is not repeated here [22]. Scattering profiles were
measured at 22 °C and corrected for background, transmission and
sample geometry. The scattering intensities were angular-averaged
and plotted versus the scattering vector ¢ before normalization with
respect to concentration and sample volume.

Differential Scanning Calorimetry

DSC measurements were conducted on a PerkinElmer DSC 8000.
Samples subjected to DSC measurements were limited to hydrated
DMPC/C30d, hydrated DMPC, and pure C30d. Temperature sweeps
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were performed with heating/cooling rates of 1 and 2 °C/min, re-
spectively. Samples were allowed to equilibrate for 5 or 10 min at
the starting temperature before each run. Isothermal crystallization
experiments were performed by cooling the sample from the highest
temperatures to the desired crystallization temperature at 40 °C/min.
Once the crystallization temperature was reached, the heat flow was
monitored for a certain time (total duration ranging from 1 to 30 or
60min). From the temperature scans, heat capacities were calcu-
lated using the pyris software (after subtracting baseline heat flows
measured with empty pans), and the data was normalized to sam-
ple mass. In the mixtures, the mass of each component in the DSC
sample was calculated from the amounts weighted into the mixture
during preparation, assuming that no water was lost due to evapo-
ration prior to the measurement. During the isothermal measure-
ments, even in the absence of thermal transitions, the heat flow as
a function of time only reached a constant baseline after 0.5-1 min.
Therefore, such measurements were used as baselines to subtract the
non-constant heat flow recorded at short times from the data. Then,
relative transition enthalpies were calculated by integrating the heat
flow up to different crystallization times ¢., and normalizing to the
total integral. This method could only be used for bulk C30d, since
in the mixtures the amount of n-alkane, and therefore the heat flow
related to the transition events, was very small. Instead, the total
duration of the crystallization step was varied, and the respective en-
thalpies were determined from a consecutive heating run, similar to
the method used by e.g. Alamo et al. [45, 46]. Using a Malvern Mi-
croCal VP-DSC instrument, heating/cooling runs were acquired for
an additional sample of 5 vol% C30d in DMPC, and a DMPC refer-
ence sample, prepared with increased amounts of water. The sam-
ple preparation was the same as described above, except for adding
additional water until a lipid concentration of 10 2 was reached,
and vortexing and sonicating the dispersion prior to measuring. Scan
rates were 1 °C/min in both heating and cooling scans ranging from
5720 - 80 °C. Prescan equlibration times of 10 min were used. The
reference cell was filled with pure de-gased water and a water/water
baseline was subtracted from each sample scan.

RESULTS AND DISCUSSION

This work is organized in the following way. First, we
employ static 2H nuclear magnetic resonance (NMR) to de-
termine under which conditions C20d and C30d can crys-
tallize in phospholipid membranes. In general, the shape of
the ?H NMR spectrum depends on the dynamics and geom-
etry of a C-D bonds motion [25]. Fast, isotropic motions re-
sult in a single, narrow peak. This is the case for liquid n-
alkanes [22]. Anisotropic motions, such as those of n-alkanes
inside lipid bilayers, produce broader spectra [22, 42]. As will
be seen, liquid (an)isotropic, rotator, or crystal phases result in
very distinct spectral shapes and thus ?H NMR is a powerful
tool to determine the presence and phase of n-alkanes inside
lipid membranes. We then examine the crystallization prop-
erties of C30 in a DMPC bilayer in more detail by comparing
temperature-dependent NMR measurements with differential
scanning calorimetry (DSC). We also remark on the effect of
sample hydration and compare the crystallization kinetics of
C30 in the membrane environment with bulk n-alkane.
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FIG. 1. Organization of C20 in DPPC membranes at different tem-
peratures. (a) 2HNMR spectra of 10 vol% C20d in DPPC (0.18 C20d
molecules per DPPC) at a reduced hydration of n.=16, and pure
DPPC-d62. The intensity of the DPPC-d62 spectrum is scaled to
match the intensity of the C20d/DPPC spectra. At room temperature
(approx. 25°C), the spectral shape of C20d in DPPC resembles that
of gel-phase DPPC-d62. (b) X-ray scattering profiles for fully hy-
drated DPPC MLV’s (at excess water) containing 0, 10 and 25 vol%
of C20, measured at 22°C.

C20 is incorporated into the lipid gel phase and does not
crystallize

Since shorter n-alkanes can be incorporated into lipid mem-
branes to larger amounts, we first investigated systems with
n-eicosane-d42 (C20d). ?H NMR spectra of 10vol% C20d
in a DPPC bilayer at different temperatures are shown in Fig-
ure la. Above the lipid and alkane melting temperatures (e.g.
60°C), a spectral line shape corresponding to an anisotropic
arrangement of liquid molecules is observed [22, 25]. This
proves that the C20d molecules are indeed dispersed through-
out the lipid membrane. Upon cooling below the crystalliza-
tion temperature of bulk C20d (about 33°C [47]), the spec-
trum broadens considerably. However, instead of a 2H spec-
trum displaying crystal-like features, the spectrum strongly re-
sembles the ?H NMR spectra of phospholipid gel phases [48—
51]. A spectrum of perdeuterated DPPC at 30°C, a tempera-
ture close to the DPPC gel-to-rippled phase transition [48, 52],
is shown in Figure 1a for comparison. This observation indi-
cates that C20d adopts a gel-like state at room temperature,
most likely because the C20d molecules are built into the
DPPC gel structure owing to their chemical similarity with
the lipid acyl tails. This is reasonable since the main transition
temperature of DPPC (above 42°C due to reduced hydration
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levels [53] and alkane addition [39, 54, 55]) is higher than the
crystallization temperature of the alkane. Then, upon cool-
ing, the liquid-to-gel phase transition of DPPC occurs before
reaching the crystallization temperature of the alkane, and the
C20d molecules become trapped in the lipid gel phase. This
prevents them from crystallizing. Similar observations have
previously been made for shorter n-alkanes in different lipid
membranes [41].

To confirm that the C20d molecules are incorporated into
the gel phase, we have performed X-ray scattering experi-
ments on DPPC multi-lamellar vesicles with C20 concentra-
tions ranging from O to 25 vol% at a temperature below the
lipid main transition. These experiments show that the pres-
ence of C20 increases the lamellar repeat distance of the bi-
layers in the gel phase from 63.840.3 A=! (pure DPPC) to
72.5+41.8 A~1 (25 vol% C20), as seen by a continuous shift
of the low-g Bragg reflections to smaller reciprocal distances
(Figure 1b). In addition, C20 affects the lateral ordering of
the lipid acyl tails, as evidenced by the disappearance of the
shoulder of the peak at q=1.5 A~!. Similar observations have
previously been explained by an overall denser packing and
the removal of acyl chain tilt [40, 56-58]. We therefore con-
clude that C20 is built into the DPPC Lb phase, transform-
ing it into an L (untilted gel) phase. The formation of the
L phase is often observed in mixtures of lipids with differ-
ent acyl tail lengths [56], or for lipids with smaller head/tail
volume ratio [59]. Since C20 inside a bilayer of DPPC with
16-carbon long tails represents a similar system, the formation
of an untilted gel in this case is not surprising.

The situation appears similar for C20d in DMPC mem-
branes (Figure S1). In this system, the DMPC gel-to-liquid
transition should occur at a lower temperature than the crys-
tallization temperature for bulk C20d. Still, at 30°C, below
the crystallization temperature of the alkane and above the
DMPC gel-to-liquid transition, the 2H spectrum of C20d does
not show any sign of crystallization, retaining the shape char-
acteristic of anisotropic, liquid hydrocarbon chains. Only a
slight broadening is observed which is a natural consequence
of the decrease in temperature, since temperature strongly af-
fects alkane order parameters in lipid membranes [42, 43].
Similar to DPPC, both reduced hydration [43, 60] and addition
of long-chain n-alkanes [39, 40, 43] will increase the DMPC
main transition temperature. However, it is clearly not ele-
vated above the bulk C20d transition temperature in this sam-
ple; otherwise the 30°C spectrum would also show gel-like
features. This indicates that the crystallization temperature of
C20d is reduced inside the membrane environment, similarly
to what happens in mixtures composed of short and long alka-
nes. This is also observed in the 2H NMR spectra of 10 vol%
C20d in DOPC (Figure S2), which still shows anisotropic-
fluid characteristics at 25 °C. However, the DOPC/C20d sam-
ple contains a large amount of bulk n-alkane, making further
analysis difficult. We therefore mostly concentrated our ef-
forts on C30d, having a melting temperature well above the
main transition temperatures of DMPC and DPPC. In the
following sections we demonstrate that C30d can crystallize
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FIG. 2. ?H NMR spectra of 5 vol% C30d inside DMPC membranes
at reduced hydration, using a quadrupole echo technique and a short
recycle delay of 1s. (a)/(b): spectrum ranges chosen to best visual-
ize liquid-anisotropic/solid n-alkane signals, respectively. Simulated
spectra are included for comparison. The simulated 70°C spectrum
was calculated by guessing the order parameter profile and summing
up the resulting Pake patterns according to the procedure in our pre-
vious work [61]. Transversal relaxation was set to Te=5ms to best
approximate the experimental spectrum. The crystalline spectrum
was calculated based on C-D bond order parameters of 0.29 and 1.0
for methyl and methylene bonds, respectively. The overall intensity
was matched to the intensity of the 70°C spectrum, and T2=0.2 ms
was used.

within a lipid membrane environment.

C30 crystallizes inside DMPC and POPC membranes

The static ?H NMR spectra measured from membranes
containing 5vol% of C30d in DMPC are shown in Fig. 2.
The high-temperature spectrum was acquired above the melt-
ing point of C30d (approx. 62°C [47]) and originates from a
superposition of Pake patterns. In the middle of this spectrum
a narrow peak is visible. This peak likely originates from a
separate, isotropic n-alkane phase, i.e. C30d that didn’t enter
the lipid membrane. A quantification of this alkane fraction
will be provided only in the following section. Upon cool-
ing the mixtures to 30°C the complete signal seems to vanish.
However, closer inspection reveals that the spectrum broad-
ens considerably (Figure 2b). For comparison, the spectrum
of crystalline bulk C30d obtained at 30°C is included in the
figure. The spectra of both C30d in DMPC and bulk C30d
feature horns at about £17-18kHz and +60kHz. Compar-
ison with a simulated spectrum shows that both these horns
represent the quadrupolar splittings for a 90°orientation of
C30d crystallites with respect to the main magnetic field. The
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position of the outer splittings indeed corresponds to a rigid
quadrupolar coupling of 167kHz, as expected for the static
limit [25]. Similar splittings have been measured in short n-
alkane solids [62]. Therefore, at 30°C, C30d molecules that
were mixed with the acyl chains at high temperature must
(mostly) be part of a crystalline structure. We have also per-
formed experiments on samples containing C30d in POPC bi-
layers and the ?H spectra obtained mirror the results for C30d
in DMPC (Fig. S4).

For both the POPC and DMPC samples containing crystal-
lized alkane, re-heating of the samples to above the n-alkane
melting temperature leads to a recovery of the initial 2H spec-
trum within the first few scans after temperature equilibration.
This observation suggests that C30 crystals are small and most
likely located inside the lipid bilayers. Only then, the n-alkane
molecules are able to quickly disperse throughout the mem-
brane upon melting.

The outer shoulders of the simulated spectrum are much
more prominent than in the experimental spectra. Figure S3
indicates that this is because the spectra in Figure 2b were
acquired using a too short recycle delay of 1s. While such a
short delay is suitable for liquid n-alkanes [63, 64], itis clearly
insufficient for the higher quadrupolar couplings of the solid
methylene groups [50]. However, since the crystalline com-
ponent can still be identified using the short recycle delay, and
long recycle delays increase the measurement time beyond
what is practical, we continued using a recycle delay of 1s
in this work. The inner horns of the low-temperature spec-
tra originate from the methyl groups of crystalline C30d. At
30°C, the quadrupolar coupling of the methyl C-D bonds is
decreased to one third of the rigid coupling. Such a reduc-
tion is expected for the rotation of the methyl group around its
symmetry axis [25, 62, 65], showing that the methyl groups
rotate with correlation times much faster than ps at the cho-
sen temperature.

An additional component is observed in the center of the
low-temperature C30d spectra in bulk and in the membrane.
For the bulk sample, this component appears as a very nar-
row peak, indicating an isotropic (liquid) n-alkane component,
likely due to shorter n-alkane molecules present in the sample.
For C30d in DMPC, this component appears broader, and may
originate from non-crystallized molecules. A more detailed
discussion of this feature and the temperature dependence of
the 2H spectrum of C30d is provided in the following section.

In summary, our 2H NMR measurements show that -
alkanes crystallize inside lipid membranes only if the n-alkane
melting point lies sufficiently far above the main transition
temperature of the lipid membranes. If the temperature differ-
ence between the two transitions is too small, upon cooling the
n-alkane molecules become trapped in the lipid gel phase and
do not crystallize. We observe this at very low cooling rates
since the 2H NMR experiments performed at each tempera-
ture had a duration of 1 hour or more. These results suggest
that the crystallization temperature of n-alkanes is decreased
inside a lipid membrane environment similarly to what hap-
pens when chains are dispersed in a non-structured solvent.
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FIG. 3. 'H intensity in the alkyl chain spectral region of C30 as a
function of temperature. (a) Alkyl spectral region of C30 in DMPC-
d54 during cooling at 1K/min. Even though the lipid is perdeuter-
ated, some signal can be detected even when no alkane is present. (b)
Normalized intensities calculated by summing all spectrum points in
the ppm range displayed in (a). Upper row: bulk C30, Lower row:
5vol% C30 in DMPCd, and pure DMPCd for reference. The differ-
ent symbol shapes mark different heating/cooling runs.

In order to investigate this in more detail, we performed 'H
NMR and DSC experiments on the system C30/DMPC which
are evaluated in the following section.

The crystallization temperature of C30 decreases inside DMPC
bilayers

In order to study the temperature dependence of the crys-
tallization process of C30d inside DMPC membranes, we
first performed 'H NMR measurements on mixtures of non-
deuterated C30 and DMPC with per-deuterated acyl tails
(DMPC-d54). The measurements were performed under
MAS at a spinning rate of 5 kHz. This allowed us to record the
'H NMR signal of the n-alkane alkyl protons during a tem-
perature sweep. At the MAS frequency used, the 'H alkyl
peaks can only be resolved if the alkane is in a liquid state;
in the crystalline and rotator phase the peaks are broadened
beyond detection due to significantly reduced chain mobility
and consequent increase of the *H homonuclear dipolar cou-
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FIG. 4. Temperature-dependent phase behaviour of C30d in DMPC and in bulk. (a) “H NMR spectra of 5 vol% C30d in DMPC, at reduced
hydration and for three selected temperatures, compared to bulk C30d spectra (Measurement time per spectrum 35 and 17 min in the membrane
and in bulk, respectively). (b) DSC heat capacities of 5 vol% C30d in DMPC, at reduced hydration, compared to DMPC (at comparable hy-
dration) and bulk C30d. The heating rate was 1K/min and the cooling rate was 2K/min. Right: Zoom into the n-alkane phase transition region.
Heat capacities are given in JK ! per gram C30d and were shifted vertically to facilitate visualization. The heat capacity of DMPC/water was
normalized to result in the same energy per number of DMPC molecules in the C30d/DMPC mixture.

plings. For the rotator phase, this observation is similar to
lipid gel-phases, where reduced mobility results in increased
dipole-dipole interactions and To relaxation rates [66, 67].
Figure 3 shows the results of such measurements. In Fig-
ure 3a, the alkyl chain region of the 'H spectrum is plotted
with decreasing temperature, and the low-temperature spec-
trum of DMPC-d54/water is included for comparison. The
normalized spectrum integrals upon heating/cooling of C30 in
bulk and in the membrane are plotted in Figure 3b. The melt-
ing of bulk C30 is indicated by a strong signal increase be-
tween 64 and 67°C, which corresponds to the expected melt-
ing temperature of about 65°C (from the rotator to the liquid
phase) [29, 30, 68]. In the subsequent cooling runs, the signal
intensity decreases between approx. 65 and 60°C. According
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to Sirota et al., the liquid-to-rotator transition of C30 is sim-
ilar to, but slightly below, it’s melting temperature [29, 68].
More precisely, since they also found a transition between
the RIV and RIII rotator phases at 63.9-64.4°C, the liquid-
to-rotator transition of C30 should lie between 64 and 65°C.
We’d like to note here that, since the 'H NMR experiments
were conducted under MAS, a temperature gradient of a few
degrees exists within the samples. This gradient broadens the
observed transitions and obstructs a more accurate compari-
son with literature values. Still, Figure 3 shows that C30 in
a DMPC-d54 membrane behaves notably different from bulk
C30: The apparent melting process starts earlier, at approx.
50°C, and continues until about 62°C, after which the signal
increases sharply. This two-step process becomes even more
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evident in the cooling runs, were we first observe a fast decay
similar to the bulk sample, followed by a second process be-
tween 55 and 45°C. Based on these results alone, there are two
possible explanations for this two-step melting/crystallization
process. One is that it is possible that the initial, fast drop
of 'H intensity upon cooling corresponds to bulk C30 that is
not incorporated into the lipid membranes; the slower drop
of intensity (at lower temperatures) would then correspond to
crystallization of alkane molecules incorporated in the lipid
bilayers. An alternative explanation is that both transitions re-
late to mixed C30, where one component behaves similar to
bulk alkane while the other is more strongly associated with
the lipid. In fact, this lipid-associated component may not
even crystallize, but only adopt a rotator phase/gel-like state
in combination with the lipid acyl tails.

In order to identify the alkane phases during the melting and
crystallization process, we acquired 2H NMR spectra of C30d
in bulk and in DMPC membranes in the relevant temperature
range. Selected results are shown in figure 4a. For bulk C30d,
we can clearly distinguish the crystal, rotator and liquid phase.
The crystalline signal features two sets of horns/shoulders,
separated by approx. 34 and 120 kHz, as explained in the first
part of this manuscript. The rotator phase resembles spec-
tra of gel-phase lipids [48-51], while the liquid n-alkane re-
sults in a single peak. We obtain transition temperatures of
about 60.0-60.5°C and 62.5-64.0°C for the crystal-to-rotator
and rotator-to-liquid transition of bulk C30d upon heating,
respectively. Upon cooling, the rotator-to-crystal transition
temperature was between 60 and 58°C. These results are in
line with previous works [29, 47, 68, 69] and the DSC results
that are described below (Figure 4b). In contrast to the bulk
C30d case, it is more difficult to identify exact phase transi-
tion temperatures for the C30d/phospholipid mixture. Still,
the observations match the '"H NMR results shown in Fig-
ure 3: The intensity of the 2H NMR spectra in the region be-
tween £4kHz gradually increases from about 45 to 60°C. In
this temperature range, the spectral shape of the signal reveals
the presence of alkane molecules with anisotropic motion in
the membrane environment. Additionally, at 65°C and above,
a central, narrow peak becomes visible in the 2H NMR spec-
tra. Since the temperature range in which this peak is observed
roughly matches the temperature interval in which bulk C30d
is liquid, it seems reasonable to assign this narrow signal to
phase-separated bulk alkane.

In order to detect alkane crystallization, we acquired >H
spectra in the relevant temperature range with a much larger
number of scans (up to 81920, Figure S5). A close look at
these spectra reveals the co-existence of liquid and crystalline
(58 and 53°C) or liquid and rotator phase alkane (61.0, 60.5
and 59.5°C) in the transition range of bulk C30d.

Analysis of the 2H NMR spectra enabled us to determine
the fraction of C30d molecules located in different environ-
ments in our samples. An upper limit to the amount of bulk
alkane, i.e. C30d molecules that did not enter the lipid mem-
branes, can be estimated by a subtraction method [70, 71].
The spectrum of pure C30d in the melt is fitted, and then a
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fraction of the resulting Lorentzian line shape is subtracted
from the C30d/DMPC spectrum until an intensity of nearly
zero is reached in the center of the spectrum (Figure S6).
The difference between the original and the reduced spectrum
then corresponds to an upper limit for the bulk alkane frac-
tion, and is 10-15 %. We determined that this small amount
of bulk C30d is not sufficient to account for the crystalline
signal observed at e.g. 55°C. This was done by comparing
the 2H signal intensities across different temperatures, as de-
scribed in more detail in the SI (Figure S7). From these cal-
culations we obtain that, at 55°C, more than nearly 70 % of
the molecules that comprise the crystals must have been dis-
persed inside the DMPC membranes prior to crystallization.
We conclude therefore that our samples contain not only two,
but three different types of C30d molecules: Phase-separated
bulk alkane, and chains incorporated in the membrane that can
be divided into those that crystallize at similar temperatures to
bulk C30d, and those that remain in a liquid state at tempera-
tures much lower than the bulk crystallization temperature.

These findings are supported by DSC heating/cooling runs
shown in Figure 4b. For bulk C30d, two peaks are observed
in the heat capacity upon heating and cooling, correspond-
ing to the crystal-rotator and rotator-liquid transitions at lower
and higher temperature, respectively. Inside DMPC mem-
branes, the crystal-to-rotator transition temperature of C30d
upon heating is decreased by only 0.4°C, while the rotator-to-
liquid transition temperature is hardly affected at all. The tran-
sition peaks become more narrow and an additional peak is
visible at 57.8°C, prior to the original crystal-to-rotator tran-
sition. Upon cooling, the shift in the phase transitions upon
mixing with DMPC is more evident: the liquid-to-rotator tran-
sition is lowered by approx. 1°C, and the rotator-to-crystal
transition by 1.5-2.0°C. Small features remain visible close to
the bulk transition temperatures. Regarding the properties of
the DMPC membranes, the main transition is broadened and
shifted to higher temperatures upon addition of C30d, and the
pretransition can no longer be observed in the mixture. No-
tably, the DSC results show no indication of a broad transition
in the 45-55°C interval, proving that no crystallization occurs
in this temperature range.

Combined, our 2H NMR and DSC results can be inter-
preted in the following way. As described in the first part
of this manuscript, at high temperatures (1" <62°C), the
C30d/DMPC sample contains n-alkane mixed with the lipid,
but also roughly 10 % of bulk alkane. If the sample is cooled,
bulk C30d crystallizes first, followed soon after by a fraction
of the C30d molecules inside the DMPC membrane as shown
by the DSC curves. The fraction of crystallizing chains can
be determined by comparing the DSC transition enthalpies of
the mixture with the bulk transition enthalpies. By integrat-
ing the (rotator-to-liquid) melting peak we find that the melt-
ing enthalpy of C30d in DMPC amounts to roughly 81+3%
of the bulk C30d melting enthalpy. Therefore, 19+3% of
C30d molecules do not crystallize in the mixture. These non-
crystallizing chains will be discussed further below.

Before the actual crystallization, both bulk C30d and the
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C30d molecules incorporated into the lipid membranes tran-
sition through a rotator phase. According to literature, the
high-temperature peak in the heat capacity should signify the
transition from liquid to the RIV rotator phase [29, 30, 68].
The RIV phase is then expected to transform into the RIII
phase if the sample is cooled further. However, we do not
see any indication of a rotator-rotator transition in bulk C30d.
This is not unexpected, since the latent heat involved in this
transition would be very small [30, 68, 72]. Consequently, we
cannot determine which rotator phase is adopted at any given
temperature, and whether both rotator phases can be formed
in the lipid membrane.

Upon further cooling, at about 54°C (according to DSC),
the C30d molecules that had initially anisotropic motions in
the lipid membrane, and that formed a rotator phase, crystal-
lize. Notably, this transition happens at a different tempera-
ture than for bulk C30d. With 2H NMR, the crystallization
is already observed at 58°C (Fig. S5). This discrepancy be-
tween DSC and NMR is easily explained by the acquisition
time needed for the 2H NMR spectra presented in Figure S5,
ranging from 14 to 24 hours, resulting in a very small, ef-
fective cooling rate. DSC scans however were conducted at
cooling rates of 2 °C/min and thus the DSC transition temper-
atures can be expected to be lower than those obtained from
2H NMR [73, 74]. Furthermore, our 2H NMR results have
a relatively low temperature resolution (about +1°C). This
makes it difficult to detect slight shifts of the crystallization
temperature such as the one between bulk and incorporated
C30.

If C30d inside DMPC membranes crystallizes at only
slightly lower temperatures than bulk C30d, the anisotropic
liquid C30d component which is observed between approx.
45 and 60°C in the 2H spectra must originate from n-alkane
molecules inside the membrane which do not crystallize. We
suspect that these non-crystallizing n-alkane molecules are
build into the DMPC phase, similar to C20 in DMPC. Such
a co-association of alkane and lipid is supported by the in-
creased main transition temperature of DMPC in the pres-
ence of C30d. As mentioned previously, a shift of the lipid
main transition temperature is expected when adding longer
n-alkanes to saturated phospholipid bilayers. The loss of the
pretransition temperature has also been observed previously
in mixtures of C12 or C14 with DPPC [40, 58]. It should
however be noted that, while the DMPC and C30d/DMPC
samples compared in figure 4b were prepared in an identi-
cal manner, hydration somewhat differs between the samples.
After preparation, the samples contained 22.5 and 12.5 wa-
ter molecules per lipid for DMPC and C30d/DMPC, respec-
tively. Since lipid acyl chain ordering increases with decreas-
ing water content below approx. 25-30 water molecules per
lipid [75], the shift of the DMPC main transition partially re-
lates to a decrease in hydration. However, at the estimated
water concentration, we would not expect such a large shift of
the main transition temperature, and the pretransition should
still exist (in the absence of alkane) [60, 76]. Therefore, we
are convinced that the shift of the lipid main transition demon-

91

Excess hydration

heating 1K/min — (C30d/DMPC

600 - C30d
400 1 — DMPC
X 200
'9? L A
= 10 20 30 40 50 60 70 80
o
8 cooling 1K/min
& 0 A gl
()
-200
-400 |
600 ‘ ‘ ‘ ‘ ‘ ‘ ‘
10 20 30 40 50 60 70 80

Temperature /°C

FIG. 5. DSC heat capacities in excess water conditions. Heating
and cooling runs (1K/min) of 5vol% C30d in DMPC (lipid con-
centration 10 mg/ml) are compared to DMPC (at comparable hydra-
tion) and bulk C30d. Heat capacities are given in JK ™' per gram
C30d and were shifted along y to not overlap. The heat capacity of
DMPC/water was normalized to result in the same energy per num-
ber of DMPC molecules in the C30d/DMPC mixture.

strates an association between alkane and lipid molecules.

Our interpretation so far does not fully explain the contin-
uous NMR signal decrease between 60 and 45°C (Figures
3 and 4a). This signal decrease must be related to the non-
crystallizing C30d in the membrane, since all other n-alkane
molecules should already be crystalline at this point. How-
ever, the associated lipid/alkane gel transition does not happen
until about 35°C. Generally, lipid ordering decreases with in-
creasing temperature even in the liquid-crystalline phase [56],
and lipid dynamics are also affected irrespective of phase tran-
sitions [77]. It is possible that changing lipid dynamics af-
fect the n-alkane NMR relaxation rates sufficiently to result
in intermediate-motion lineshapes and signal loss even before
the actual phase transition.

An increase of membrane hydration leads to homogeneous
nucleation

Finally, we have investigated whether the crystallization of
C30d inside DMPC is affected by the low amount of wa-
ter in our systems. Figure 5 shows DSC heating and cool-
ing runs of 5vol% C30d in DMPC in excess water condi-
tions. There are two important differences compared to the
reduced hydration sample: First, the DMPC main transition
is not at all affected by the presence of C30d. Second, the
cooling transitions of C30d are shifted to much lower tem-
peratures: the liquid-to-rotator and rotator-to-crystal transi-
tion occur at 19.5 and 20.5°C below the bulk C30d melting
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temperatures, respectively. Such a strong hysteresis between
heating and cooling transitions is evidence for homogeneous
nucleation of C30d [28, 78-81]. We previously showed that
under excess water conditions, n-alkanes induce the formation
of smaller lipid structures (vesicles or maybe micelles with
alkane droplets) [22]. Confinement in such small structures
could explain why homogeneous nucleation is possible in this
system. Furthermore, the unaffected lipid transition supports
this interpretation, since the alkane would be spatially sepa-
rated from most of the lipid in this scenario.

It is interesting that we still observe two peaks in the DSC
cooling runs, showing that a rotator phase is adopted prior
to crystallization of C30d. Previously, the role of the rotator
phase upon homogeneous nucleation was not clear [28]. Ro-
tator phases were observed in droplets of odd n-alkanes be-
tween 15 and 19 carbons, and both the liquid-to-rotator and
rotator-to-crystal transition temperatures were decreased no-
tably. However, the liquid-to-rotator transition temperature
was affected more strongly, reducing the interval in which the
rotator phase could be observed [79, §2]. For odd and even n-
alkanes between C20 and C32, rotator phases were observed
during heating, but not upon cooling [78, 79, 81, §3]. Conse-
quently, it was argued that these n-alkanes crystallize directly,
without transitioning through a rotator phase, upon homoge-
neous crystallization. It has also been found that the interface
between n-alkane and the confining material (e.g. surfactant
or polymer microcapsules) can induce surface heterogeneous
nucleation [12, 84-87]. In such systems the freezing temper-
atures are not reduced as much as in the case of homogeneous
nucleation, and rotator phases occur if the surfactant hydro-
carbon tails are of similar length as the alkane [84, 85]. Our
measurements show a rotator phase even during cooling, as
well as significant undercoolings for both the liquid-to-rotator
and rotator-to-crystal transition. It seems reasonable that the
lipid acyl tails can induce surface heterogeneous nucleation
similar to the surfactants mentioned above. Weidinger et al.
argue that such nucleation does not necessarily have to result
in smaller undercoolings, since the number of molecules ex-
posed to the surface, and therefore available for nucleation,
is comparatively small [82]. Possibly, the liquid-to-rotator
transition of C30d in our samples is indeed heterogeneous,
and therefore still visible in the DSC scans. Only the rotator-
to-crystal transition might be truly homogeneous, similar to
mixtures of C18/C19 investigated by Jiang et al. [86] or ob-
servations by Kovacik et al. on C16 in surfactant emulsion
droplets [88].

Crystallization kinetics of C30d are slower in the membrane
environment

In order to compare the crystallization kinetics of C30d in
the membrane and in bulk, we performed DSC isothermal
crystallization experiments. The heat flow recorded during
isothermal crystallization for C30d and C30d/DMPC samples
is plotted in Figure 6a,c. For bulk C30d, one or two transition
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FIG. 6. Isothermal crystallization of bulk C30d and of C30d mixed
with DMPC membranes. (a) Corrected heat flow during isothermal
crystallization of C30d at different crystallization temperatures T..
(b) Heat capacity of C30d during heating directly after the isother-
mal crystallization step shown in (a). Heating rate 1 K/min. (c),(d)
The same as in (a) and (b) but for 5 vol% C30d in DMPC. Due to the
low amount of alkane in the mixture, the artifact at very short crystal-
lization times could not be subtracted reliably, causing the heat flow
during isothermal crystallization to look the same for all measure-
ments.

events can be identified per temperature. For C30d in DMPC
however, the heat flow curves look nearly identical for all tem-
peratures. The initial increase in heat flow observed for this
sample is not a transition event but simply the stabilization of
the heat flow after cooling. This artifact could not be removed
reliably, since the amount of n-alkane in the sample was very
small. However, alkane crystallization clearly takes place in
the C30d/DMPC mixture since melting peaks are observed
when the sample is heated again, directly after the crystalliza-
tion step (Figure 6d). For isothermal processes above 56.5°C,
both bulk and mixed C30d show a similar behaviour upon re-
melting: Only a single peak at 61.5/61.3°C is observed. The
presence of only one peak in the heat capacity profile upon
heating shows that C30d remains in the rotator phase at these
temperatures and does not crystallize. At lower temperatures,
crystallization does take place after some time, as expected. In
this case, the heat capacity profiles show distinct behavior for
bulk C30d and C30d in DMPC membranes. For bulk C30d
only two peaks are observed upon heating, while for C30d
molecules in DMPC membranes three distinct melting peaks
are observed.
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FIG. 7. Effect of varying the duration t. of the isothermal process
for both bulk C30d and C30d mixed with DMPC membranes. (a)
Heat capacity of C30d during heating runs conducted directly after
isothermal crystallization at temperature T.. (b) Relative transition
enthalpy of the liquid-to-rotator transition as a function of crystal-
lization time. For bulk C30d, values were obtained directly during
isothermal crystallization (open symbols) and by varying the crystal-
lization time and comparing the subsequent melting enthalpies (filled
symbols). For bulk C30d, the relative enthalpy is calculated with re-
spect to the enthalpy after 30 minutes of crystallization. For C30d
in DMPC, the relative enthalpy is calculated with respect to the inte-
grated enthalpy after 60 minutes of crystallization. For the mixture,
the liquid-to-rotator transition temperature of C30d is 1°C below the
transition in bulk, which is considered in the color-coding.

Since the heat flow of C30d in DMPC could not be mea-
sured during the isothermal crystallization itself, we varied
the duration of the isothermal step between 1 and 60 minutes.
Then, we heated the samples again and compared the heat
capacities and transition enthalpies upon melting for various
crystallization durations. Figure 7a shows the effect of vari-
able crystallization time on the heat capacities during melt-
ing for bulk and mixed C30d. Similar to the heating/cooling
runs shown in Figure 4b, mixing of C30d with DMPC re-
sults in a third peak upon melting. Interestingly, if shorter
crystallization times are used, this additional peak is also ob-
served in bulk C30d (at 57.9-58.0°C). For both samples, the
intensity of this peak decreases with crystallization time. Si-
multaneously, the peak at approx. 59°C increases in inten-
sity. This observation confirms that the additional peak corre-
sponds to the melting of an intermediate crystal phase which
is formed during the transition from the rotator to the low-
temperature crystal phase. To our knowledge, C30 is not
known to have multiple crystal phases [23, 30], and we did
not see any indication of an additional transition in the stan-
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dard DSC cooling runs (Figure 4b). However, Alamo et al.
previously explained a similar observation in Ci63H33s by a
crystal-thickening process [45, 46]. Indeed, it was proposed
that n-alkanes as short as C25 may first crystallize with non-
aligned chain ends [28, 89, 90], effectively reducing the crys-
tal thickness until the crystal-perfecting process is complete.
Such thin crystals would be expected to melt at lower temper-
atures, possibly explaining the additional peak. Irrespective of
its nature, this intermediate crystal form seems to be stabilized
in DMPC membranes.

Variation of the duration of the isotherm process was also
used to determine the speed of the liquid-to-rotator transition.
Figure 7b shows the relative transition enthalpies obtained
from integrating the heat capacity on re-heating after isother-
mal crystallization (for different total crystallization times).
These relative transition enthalpies represent the fraction of
n-alkane molecules in the rotator phase at a given time. For
bulk C30d, the transition enthalpies obtained from integrating
the heatflow during the long isothermal crystallization steps
are plotted as a reference, and show that both methods are in
good agreement. In bulk both the liquid-to-rotator and rotator-
to-crystal transition occur faster at lower crystallization tem-
peratures (see also Figure S8). Consequently, n-alkane dif-
fusion coefficients should be of low relevance in this system.
For C30d in DMPC, our data is not precise enough to make
such a claim. However, the formation of the rotator phase
appears to be a two-step process: Initial “gelation” of pre-
organized n-alkane chains occurs as fast as in bulk, as evi-
denced by the high relative transition enthalpy after only one
minute of crystallization. The following slow increase in melt-
ing enthalpy suggest that additional molecules are added to
the rotator-phase nuclei with time. Notably, the transition en-
thalpy measured in the mixture would also include some bulk
alkane, as described above. By subtracting a fixed fraction
of the bulk transition enthalpy at each time point, the rela-
tive transition enthalpy of only the mixed alkane can be esti-
mated. Evidently (Figure S9), assuming 20% of bulk C30d in
the sample, the relative transition enthalpy still reaches a value
of 0.66 after one minute, confirming that initial formation of
the rotator phase is indeed very fast.

CONCLUSIONS

We have investigated the crystallizability of n-eicosane and
n-triacontane in phospholipid bilayers. Our results suggest
that there is a relation between the difference in bulk melting
temperatures (alkane and lipid) and the crystallizability of the
n-alkane. In DMPC and DPPC, C20 co-associated with the
lipid acyl tails and therefore transitioned to a gel-like phase
together with the lipid. C20 did appear to crystallize in DOPC
bilayers, however due to the large fraction of bulk alkane in
this sample it was impossible to validate our findings in the
same manner as for the other investigated mixtures. C30 was
able to crystallize inside DMPC and POPC bilayers. In a sam-
ple containing 5 vol% of C30 in DMPC, and only low amounts
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of water, about 85-90 % of the alkane molecules were incor-
porated into the bilayer. The remaining chains did not mix
with the lipid at all. Of the incorporated n-alkane, approxi-
mately 75-80 % crystallized at temperatures slightly below the
bulk crystallization temperature. The non-crystallizing chains
were instead built into the lipid phase, similar to C20. In-
side the bilayer, C30 also crystallized via at least one rota-
tor phase, and an intermediate crystal phase was stabilized
compared to the bulk sample. With regards to crystallization
kinetics, the formation of the rotator phase was observed to
consist of two steps in the membrane: First, pre-organized n-
alkane chains transitioned as fast as in bulk, but further addi-
tion of molecules to the rotator-phase crystal was slowed sig-
nificantly. This finding suggests that the molecular arrange-
ment of the n-alkane in the lipid bilayer strongly influences
the crystallization process.

In excess water conditions, we instead observed a strong
reduction of transition temperatures upon cooling, suggesting
that C30d is confined to smaller droplets and crystallizes ho-
mogeneously.

This work marks the first observation of crystallization of
purely hydrophobic molecules inside the hydrophobic core of
lipid membranes. While the investigated n-alkanes are still
far shorter than actual polymers, this study provides a first
impression of what to expect from the crystallization of long
hydrophobic chains inside lipid bilayers. Furthermore, our
results motivate studying more biologically relevant systems
such as crystallizable drugs or triglycerides inside model cell
membranes.
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5.3.1 Paper III: Supporting Information

Additional tables and figures referred to in paper 111, as published in reference [39].

No changes were made.
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Figure S1: 2H NMR spectra of 15vol% C20d in DMPC (reduced hydration). Left: Tem-
perature series. Spectra acquired at 50°C (above T,, pmpc and T, c20d), 30°C (above
T,n.pmpe but below T, c204) and at room temperature (around T, pmpc). Spectra are
scaled to the same number of scans. Right: comparison of the 23°C spectrum to crystalline
bulk C20d at the same temperature (bulk intensity scaled to match the mixture).

10vol% C20d in DOPC

— 40°c — C20d/DOPC
— 25°%C c20d
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Figure S2: 2H NMR spectra of 10 vol% C20d in DOPC (reduced hydration). Left: spectra
acquired above (40°C), below (25°C) and far below (10°C) the crystallization temperature
of bulk C20d. Spectra scaled to the same number of scans. Right: comparison of the 10°C
spectrum to crystalline bulk C20d at 23°C (bulk intensity scaled to match the mixture).
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Figure S3: Effect or recycle delay on the ?H spectral shape. (a) Spectra of 5vol% C30d
in DMPC and bulk C30d, comparing long and short recycle delays (D1=1s and 50s). (b)
Sspectra of bulk C30d acquired using different recycle delays D1 (but otherwise identical
experimental settings).
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Figure S4: 2H NMR spectra of 5vol% C30d in POPC (reduced hydration). Left: Tem-
perature series; 70°C (above the melting temperature of C30d), then cooled to 30°C (far
below the crystallization temperature of C30d), and heated again to 70°C. Spectra scaled
to the same number of scans. Right: comparison of the 30°C spectrum to crystalline bulk
C30d at the same temperature.
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5vol% C30d in DMPC
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Figure S5: Broad signal component of the ?H NMR spectra of 5vol% C30d in DMPC, at
different temperatures. Spectra were acquired sequentially, from top to bottom, and are
scaled to the same number of scans (NS=2048), such that the intensities are comparable.
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Figure S6: Subtraction method for determining the bulk alkane fraction in C30d/DMPC
samples. Left: Fit of the bulk C30d signal with a single Lorentzian. Right: Subtraction
of the scaled, fitted bulk signal from the C30d/DMPC spectrum.
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Figure S7: Areas of 2H NMR spectra, A;, calculated by summation of spectrum points in
the intervals [-100kHz,100kHz] (A;), [-6kHz,6kHz] (A2) and [-100Hz,100Hz| (A3), as func-
tions of temperature. Only spectra acquired with a relaxation delay of 1s were considered.
(a) Exemplary spectrum acquired at 50°C. (b) Normalized areas of the full spectra, includ-
ing crystalline, rotator and liquid C30d chains. When only crystalline chains are present
(30°C), the area is only 20 % of area at 65-75°C due to significant relaxation effects for
the higher couplings. (c),(d) Areas used to estimate the amount of bulk C30d molecules
relative to all crystallizing molecules. An upper limit of 3146 % was calculated, using the
formulas and approximations shown in (e). The factor 0.2 is due to the effects of relaxation
on the measured areas, see (b). A3 will always be larger than the bulk signal intensity lis,
since there will be a non-zero intensity in the center of the spectrum, even if no bulk alkane
is present. Similarly, A;-As will always be smaller than the total crystalline intensity I,
since part of the crystalline component is also cut off when subtracting A;. We used
A3(T=70°C), when all bulk alkane is liquid, and A;-A(T=55°), when all crystallizing
molecules should be crystalline. While this is a fairly rough estimate, it clearly shows that
bulk alkane alone is not sufficient to account for the broad spectral components shown in
figure S5.
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Figure S8: Relative transition enthalpy of C30d during isothermal crystallization, obtained
by integrating the heat flow data and normalizing to the total integral (up to 30 min).
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Figure S9: Rotator-to-liquid transition enthalpy of C30d in DMPC, corrected for bulk
alkane. Assuming a constant fraction of bulk C30d, fy,, the measured transition en-
thalpy was reduced based on the bulk transition enthalpy at the same crystallization
temperature/time.
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Chapter 6
Summary

This thesis presents a systematic investigation of the behaviour of n-alkanes with
different chain lengths inside simple phospholipid bilayers. Importantly, this work
extends previous studies on n-alkane organization in lipids to longer n-alkanes, al-
lowing not only the investigation of n-alkane crystallization in the membrane but
also providing an important starting point for understanding the interactions be-
tween lipid membranes and long, hydrophobic molecules. This thesis discusses vari-
ous aspects of n-alkane/lipid mixtures such as miscibility, alkane and lipid molecular
structure, n-alkane crystallizability, and the effect of sample hydration. By com-
bining solid-state NMR, X-ray scattering, cryo-TEM and DSC with atomistic MD
simulations, the investigated mixtures are described with a high level of molecular
detail. The findings described in this thesis, and their scientific relevance, can be

summarized as follows.

It is shown for the first time that the two longer n-alkanes C20 and C30 can be incor-
porated to a significant amount into bilayers consisting of saturated phospholipids.
Static 2H and *'P NMR measurements show distinct mixing behaviour depending
on n-alkane- and lipid acyl tail length, as well as sample hydration. At low hydra-
tion, high alkane concentrations result in the accumulation of n-alkanes between
bilayer leaflets. The limiting alkane volume fraction above which this observation is
made decreases with n-alkane length. At the same time, lipid order parameters are
not affected by alkane addition, showing a strong resistance of the lipid bilayer to
perturbations by long, purely hydrophobic chains. At high, biologically relevant hy-
dration levels on the other hand, alkane addition promotes the formation of smaller
lipid structures. Such finding provides a possible indication as to how lipid droplet

formation could be aided by the presence of triglycerides.

The molecular structure of n-alkanes inside lipid membranes is confirmed using MD
simulations. The simulations successfully reproduce experimental order parame-

ters and show that m-alkanes are highly mobile inside the hydrophobic region of a
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lipid bilayer. More precisely, longer n-alkanes are able to adopt disordered confor-
mations inside a lipid membrane, while short chains are generally more extended.
This chain-length dependent behaviour has a pronounced impact on how accurately
common lipid force fields reproduce experimental order parameters. It is therefore
recommended to take alkane or lipid acyl tail length into account when selecting a
force field. Moreover, it is shown how chain ordering in simulations can be tuned
by scaling the charges on the hydrocarbon atoms. This result provides an exam-
ple for how to optimize force field parameters for long, hydrophobic molecules in a
lipid membrane environment and should be of general interest to the MD simulation

community.

This thesis also, for the first time, reports on the crystallization of purely hydropho-
bic chains inside lipid bilayers. Using static 2H NMR it is shown that the n-alkanes
C20 and C30 can crystallize inside lipid membranes, provided the n-alkane melt-
ing point lies sufficiently far above the lipid main transition temperature. If the
two transition temperatures are similar, however, n-alkanes and lipid acyl tails co-
associate to form a gel-like phase at lower temperatures. Due to the presence of a
partially ordered “solvent” (i.e. the lipid acyl tails), the one-dimensional confinement
in lipid membranes presents a unique confinement geometry that is fundamentally
interesting and may be used for the design of lipid-based materials. The crystal-
lization of C30 in DMPC is studied in more detail using a combination of NMR
and DSC. Again, sample hydration (and the structural differences resulting from
it) play an important role in determining the crystallization characteristics. At low
hydration, crystallization in the membrane occurs via at least one rotator phase,
and the transition temperatures are only slightly reduced compared to bulk alkane.
Rotator phase formation in the membrane is shown to be a two-step process consist-
ing of fast initial gelation of pre-associated n-alkane molecules, and slow addition
of further molecules to those crystals. Furthermore, an intermediate crystal phase
of C30 is stabilized inside the lipid membrane, highlighting the importance of such
investigations for crystallizable, hydrophobic drugs where crystal structure often

determines the biological effect.

In summary, the results presented in this thesis provide insight into the fundamen-
tal behaviour of hydrophobic chains inside lipid membranes and therefore present
an important basis for the study of more complex systems such as triglycerides,

hydrophobic drugs or polymers in cellular membranes.
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